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ABSTRACT 
 
Fluorescent excitation light is commonly used to visualize biophysical structures in order to 
understand the composition and functions of living cells. However, illuminating living cells with 
fluorescent excitation light can adversely affect cell viability. Adverse effects of light on cells are 
commonly assessed by observation of morphological changes during and after illumination. Such 
morphological changes are indicative of impaired cell health, and include activities such as 
membrane blebbing, excessive vacuole formation, and necrosis. While many experimental studies 
have reported visual signs of cell distress during exposure to fluorescent excitation light, the 
process by which living cells respond to light remains unknown. Many known photo-induced 
morphological changes lead to detachment of a cell from its underlying surface, suggesting cells 
respond mechanically to light exposure by way of force relaxation or release. However, current 
knowledge of photo-induced cell changes is comprised of qualitative observations (i.e. 
morphological transformation). A method to quantitatively evaluate the effect of excitation light 
on cell forces does not yet exist. 
 We have developed unique analytical tools to quantitatively evaluate the effect of 
fluorescent excitation light on living cells. Changes in cell force contractility during illumination 
serve as a measure of photo-induced cell response. It is well known that adherent cells interact 
with their local mechanical microenvironment by applying traction forces to their underlying 
surface. As a result, the surface deforms and contracts. Here, any disruption to cell-induced 
substrate contraction (e.g. force relaxation) indicates photo-induced mechanical response. Living 
fibroblast cells were cultured on two-dimensional hydrogel substrates embedded with fiducial 
markers and allowed to fully adhere. Dynamic, nanoscale motion of the fiducial markers during 
short (≤ 60 s) illumination periods serves as a measure of cell force dynamics.  
 
 
iii 
 
 Through the development and utilization of a unique hydrogel platform, we have evaluated 
the effect of illumination duration and exposure source (as a function of wavelength and intensity) 
on cell force contractility. We find that fluorescent excitation light alters cell force contractility by 
inducing widespread relaxation. Force relaxation begins immediately upon exposure, and proceeds 
irreversibly until the cell nearly detaches from the substrate, thus compromising cell viability. 
Interestingly, force changes occur long before manifestation of visible morphological cues, 
suggesting that light affects cell forces prior to onset of observable changes in cell health. The 
extent of force relaxation scales with wavelength and intensity of excitation light, as well as 
illumination time, indicating a dose-dependent photo-response. This work establishes an 
experimental threshold for excitation light intensity, I = 0.5 W/m2, below which widespread force 
relaxation does not occur, and cell adhesion is safely maintained. Finally, we explore the time 
evolution of traction forces following an initial exposure to relaxation-inducing light. Cell traction 
forces decrease initially, proportionally to dose (intensity and time), but remain constant following 
initial illumination. In this way, we demonstrate that cells maintain a steady state of traction 
regardless of light exposure, but continuously apply localized forces to their surrounding 
microenvironment. 
We find that cell forces relax during illumination, and that force changes are dependent on 
exposure duration and excitation light source. Our work provides an analytical tool with which to 
interpret biological changes in a new way by assessing the mechanical response of living cells to 
fluorescent excitation light.  
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“We absolutely must leave room for doubt or there is no progress and there is no learning. 
There is no learning without having to pose a question. And a question requires doubt. People 
search for certainty. But there is no certainty.” –Richard Feynman, The Pleasure of Finding 
Things Out 
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CHAPTER 1: INTRODUCTION 
1.1 PHOTODAMAGE OF LIVING CELLS 
Various imaging modalities are utilized to precisely visualize small-scale biological phenomena. 
Many of these techniques incorporate illumination with fluorescence excitation light. Photo-
induced effects of illumination are well known to be a risk in live-cell fluorescence imaging. A 
recent report emphasized the importance of circumventing phototoxicity in imaging by balancing 
acquisition speed, resolution, and photodamage [1].  
All cells are intrinsically photosensitive [2, 3]. However, cells vary widely in their ability 
to sustain normal function under light exposure, making experiments difficult to control. 
Morphology is a common indicator of cell viability. Evaluating morphological changes during 
light exposure to assess possible cell harm is a common practice used widely across various 
experimental studies [4-14]. When affected by light, cells exhibit morphologies such as: necrosis, 
blebbing, formation of multiple nuclei or vacuoles, or swelling of mitochondria [3, 8]. However, 
in general, there is significant variability amongst cells, even within the same culture of a single 
cell line [10, 15], which complicates viability assessments. The ability to detect effects of 
illumination on cells also depends on the observation time. Many cells may not exhibit an adverse 
response until reaching a specific phase of the cell cycle [12, 16]. Hence, fluorescence illumination 
often will not yield morphology changes during shorter time periods, on the order of minutes, even 
though adverse effects may be present. Thus, it is advantageous to continue observation for an 
extended time period following illumination in order to determine potential implications on cell 
viability.  
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1.2 PHOTODAMAGE ASSESSMENT 
Adverse cell changes due to illumination are commonly assessed in terms of morphology. 
However, adverse effects may occur before morphological changes become observable. We 
developed a quantitative technique to rapidly detect cell sensitivity to fluorescent excitation light 
during short illumination duration (≤ 1 minute), before morphological changes occur. Recent 
studies have described microscopy techniques that mitigate effects of excitation light on cells, such 
as multi-photon, spinning-disk confocal, light sheet, and controlled light exposure microscopy [4, 
17-21]. These techniques are important for minimizing photo-induced changes in cells.  
1.3 FLEXIBLE HYDROGELS AS A FORCE MEASUREMENT PLATFORM 
In order to assess the effect of fluorescent excitation light on cell force dynamics, we employed an 
experimental platform that has been widely used in the cell mechanics field. The mechanical 
interaction of a living cell with its local environment has commonly been studied using 
polyacrylamide (PA) gels. These substrates rely on a simple, well-characterized protocol 
established by Dembo and Wang in 1997 [22].  One of the main advantages of these substrates is 
that their stiffness may be tuned by modifying the concentrations of specific components of the 
gel solution.  This provides a desirable platform to study cells’ interaction with environments of 
different rigidities.  When PA gels are coated with extracellular matrix (ECM) proteins, cells 
adhere to them, generating force.  As a result of cell force, the gel deforms as an elastic body.  This 
deformation depends on the magnitude of the force applied by the cells and the elastic properties 
of the gel.  Various studies have employed PA gels to investigate cellular traction forces. 
In one variation of PA gel fabrication, fluorescent microspheres (beads) are embedded 
throughout the gel to quantify cell traction forces on gels of different rigidities [23].  Upon cell 
force application, the beads displace from their initial location following gel deformation. The 
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deformation field is measured from the individual bead displacements.  This deformation field is 
utilized with elasticity theory and the elastic properties of the gel to compute the traction forces. 
These measurements provide insight as to how cells mechanically sense and interact with their 
local microenvironment [24].  
1.4 CELL FORCE DYNAMICS AND PHOTOSENSITIVITY 
Living cells respond to their surrounding mechanical microenvironment. Factors such as substrate 
stiffness [25-28], applied tension [29-31], and extracellular matrix composition [31-35] affect cell 
behavior. Cells are also known to respond mechanically to their surroundings, by altering the 
forces they apply in response to environmental conditions. Recently it has been shown that cells 
modulate their contractile forces in response to various illumination conditions [36]. This 
mechanical response manifests within seconds of exposure to fluorescent excitation light and 
consists of contractile pulling of the substrate interrupted by sporadic instances of large-scale force 
relaxation.   
Previous studies have reported similar intermittent force relaxation events in various 
biological contexts. In reconstituted systems containing actin and myosin molecules, actomyosin 
interactions exhibit periodic relaxation composed of intermittent myosin-motor detachment 
verified through computational and experimental studies [37, 38]. Additionally, focal adhesion 
slippage has been identified during periodic extension and retraction of lamellipodia in migrating 
epithelial cells [39]. Filopodia forces in epithelial cells have been shown to stall abruptly during 
retraction [40], exhibiting an interruption to contractile forces. Other studies have identified 
stiffness-dependent load-and-fail dynamics exhibited by a molecular clutch that transmits force 
from a cell to its underlying substrate [41]. Small-scale force fluctuations have also been identified 
within individual focal adhesions. One study reported the location and magnitude of peak traction 
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force within a focal adhesion stalls and occasionally abruptly snaps outward, representing 
intermittent relaxation [42]. These fluctuations were also shown to mediate rigidity sensing within 
the cell, representing a mechanosensitive process.  
These studies provide contextual precedent for abrupt relaxation events in adherent cells. 
However, no prior study has investigated the effect of excitation light on abrupt relaxation events, 
to our knowledge. Living cells are known to respond adversely to illumination by fluorescent 
excitation light. Photo-induced cellular responses include blebbing [6], mitochondrial swelling [8], 
and stimulation or interruption of cell division [43, 44]. Furthermore, photo-induced force 
relaxation yields nearly complete detachment of cells from their substrate, compromising cell 
viability [36]. Because excitation light is commonly used in experimental studies, it is critical to 
understand the process by which cells alter their forces in response to observation with light. This 
highlights the need to further characterize the mechanical response of adherent cells to fluorescent 
excitation light. 
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CHAPTER 2: DEVELOPMENT OF A TECHNIQUE FOR LOCALIZATION OF 
FIDUCIAL MARKERS WITHIN FLEXIBLE HYDROGEL SUBSTRATES 
The work in this chapter has been previously published in a scientific journal. It is reprinted from 
Journal of Visualized Experiments (JoVE), vol. 91, Knoll, S. G., Ali, M. Y., Saif, M. T. A., A 
Novel Method for Localizing Reporter Fluorescent Beads Near the Cell Culture Surface for 
Traction Force Microscopy, e51873, 2014 [45]. 
2.1 OVERVIEW OF HYDROGEL FABRICATION 
PA gels have long been used as a platform to study cell traction forces due to ease of fabrication 
and the ability to tune their elastic properties.  When the substrate is coated with an extracellular 
matrix protein, cells adhere to the gel and apply forces, causing the gel to deform. The deformation 
depends on the cell traction and the elastic properties of the gel. If the deformation field of the 
surface is known, surface traction can be calculated using elasticity theory. Gel deformation is 
commonly measured by embedding fluorescent marker beads uniformly into the gel. The probes 
displace as the gel deforms. The probes near the surface of the gel are tracked. The displacements 
reported by these probes are considered as surface displacements. Their depths from the surface 
are ignored. This assumption introduces error in traction force evaluations. For precise 
measurement of cell forces, it is critical for the location of the beads to be known.  We have 
developed a technique that utilizes simple chemistry to confine fluorescent marker beads, 0.1 and 
1 µm in diameter, in PA gels, within 1.6 μm of the surface. We coat a coverslip with Poly-D-
Lysine (PDL) and fluorescent beads. PA gel solution is then sandwiched between the coverslip 
and an adherent surface. The fluorescent beads transfer to the gel solution during curing. After 
polymerization, the PA gel contains fluorescent beads on a plane close to the gel surface. 
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2.1.1 SUMMARY OF TECHNIQUE DEVELOPMENT 
We developed a technique to constrain sub-μm to μm diameter fluorescent beads to a focal plane 
very near the cell culture surface within PA gel. The complete protocol is described in Appendix 
A.  
A gel is typically cured by sandwiching unpolymerized liquid solution between two glass 
plates.  One of the plates is functionalized so that the gel strongly adheres to it. The other is 
unfunctionalized and is removed after the gel cures. We modify this removable glass surface by 
coating it with a layer of beads (Fig. 1). Upon sandwiching the liquid gel between the 
functionalized and the bead coated glass surface, the beads transfer to the gel while it is curing. 
This limits the distance of the beads’ integration into the gel within 1.6 µm of the surface.  Beads 
are diluted from the original colloid solution in order to achieve a desired particle-to-particle 
distance (Fig. 2). Glass-bottom petri dishes are used as the adherent surface on which the gel is 
cured.  To form a flat top gel surface during polymerization, a circular glass cover slip is used to 
sandwich the gel with the glass-bottom petri dish.  Prior to gel fabrication, the top glass cover slip 
is coated with Poly-D-Lysine (PDL), yielding a positive surface charge.  The PDL is blown off 
with compressed air, and a solution of beads in water is deposited on the cover slips.  We utilize 
carboxylated fluorescent microbeads, which carry a negative charge, and interact with the 
positively charged surface created by treatment with PDL.  After blowing the bead solution off the 
coverslip with compressed air, a single layer of beads remains electrostatically coupled to the dry 
cover slip. The PDL coating does not affect the adhesiveness of the glass to the gel surface, as the 
glass slides are undamaged and removed from the PA gel fully intact.  
The glass-bottom petri dishes are made adherent by treatment with 97% 3-Aminopropyl-
trimethoxysliane and 0.5% Glutaraldehyde. PA gels of desired rigidities are created by mixing 
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appropriate concentrations of Bisacrylamide and Acrylamide via a standard procedure [46] (Table 
1). A droplet of the gel solution is pipetted onto the glass-bottom petri dish. The glass cover slip 
containing the beads is used to sandwich the gel with the petri dish.  When the gel is cured, the top 
cover slip is removed leaving the beads embedded in the PA gel within 1.6 µm from the surface. 
2.2 DETERMINATION OF BEAD LOCATION 
Confocal imaging was used to determine that the beads were indeed underneath the gel surface 
and to quantify their precise location within the gel depth.  Fluorescent beads of a different 
wavelength than those inside the gel were allowed to settle on the surface, and the distance between 
the embedded fluorescent nanoparticles and those on the surface was calculated using a centroid 
identification algorithm.  The location of the bead on the gel surface serves as a reference for the 
top surface of the gel—where cells apply force upon adherence to the surface.  A schematic of the 
two scenarios considered (green beads in the gel with red beads on the surface, and vice versa) is 
shown in Figure 3. The algorithm interpolates the z-height of the three-dimensional centroid 
location.  We repeated this process for three stiffness gels (1, 10, and 40 kPa) and two size 
(diameter) fluorescent beads (0.1 μm red and 1 μm yellow-green).  The distance between a bead 
within the gel and its nearest neighbor of a different wavelength was determined based on its three-
dimensional centroid. Figure 4 shows the spatial distribution of beads (on top surface and 
embedded) and the projected view on the YZ plane. The latter provides the depths of all the beads 
from the surface of the gel.  
2.2.1 BEAD DEPTH DEPENDS ON HYDROGEL STIFFNESS, BEAD DIAMETER 
The average depth of 0.1 μm beads is 619 nm, 466 nm, 278 nm for PA gels of stiffness 1, 10, and 
40 kPa, respectively (Fig. 5 A). The corresponding depths for 1 μm-diameter beads are -20 nm in 
40 kPa gels, 12 nm in 10 kPa gels, and 1255 nm in 1 kPa gels (Fig. 5 B).  Confocal imaging was 
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also performed on gels with beads dispersed throughout the gel as has been traditionally used for 
PA gels intended for traction force microscopy studies.  The depth of beads dispersed throughout 
the PA gel was measured using the same algorithm previously described and is compared to the 
depths using the technique we present here.  Figure 6 illustrates the variability of bead dispersion 
within the depth of a PA gel using traditional fabrication methods. 
2.2.2 VALIDATION OF TECHNIQUE FOR TRACTION FORCE MICROSCOPY 
Fibroblasts attach to the PA gel surface when functionalized with fibronectin. The displacement 
field for a fibroblast cell and the corresponding fluorescent beads layer are shown in Figure 7. 
Beads near the periphery of the image appear slightly out of focus. This is not a mechanical defect 
on the part of the gel, as the glass remains fully intact upon removal from the gel. Rather, it is the 
result of an optical effect due to the water immersion objective used in this experiment. Upon the 
addition of trypsin to the medium, the cell is released from the surface, resulting in the return of 
the deformed PA gel surface to its original state.  A cross-correlation algorithm was utilized to 
calculate the deformation field based on bead displacements [34].  The displacement map 
illustrates a dominant polarization of the cell traction forces in the y-direction. 
2.3 DISCUSSION 
2.3.1 IMPORTANCE OF BEAD DILUTION 
When using this technique, it is essential that the bead solution is properly diluted and the beads 
are chosen based on desired diameter, PA gel substrate stiffness, and the size scale of the 
phenomena that is explored in the desired experiment. 
Caution should be taken when diluting the bead solution prior to functionalizing top glass 
cover slips.  The spacing between beads on the gel surface can be altered by changing the dilution 
factor of the colloid solution.  Diluting the solution too much will reduce the number of beads that 
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couple to the cover slip and ultimately reduce the number of beads in the gel. Diluting the solution 
too little can yield too high a density of beads in the gel such that they are in contact and cannot 
be distinguished from one another. While it is often impossible to completely avoid the presence 
of nanoparticle aggregation, the application of ultrasonic waves to the diluted solution effectively 
minimizes nanoparticle aggregation. We have found that a 10,000 fold dilution of the colloid 
solution utilized in this protocol gives a bead concentration of 3.64 x 108 beads/ml, and yields a 
desirable particle density of .05 beads/μm2 for 0.1 μm-diameter beads.  A 1 to 20,000 dilution 
(1.82 x 108 beads/ml) yields an average of 52 μm2 per particle.  Figure 2 shows images of the 
surface of gels with different dilutions.  It should be noted that there is variability in the number 
of beads that transfer to the gel. This is due to the variability associated with removing the bead 
solution from the cover slip with compressed air during functionalization.  In general, we have 
found that increasing the dilution factor by at least a factor of two consistently results in at least a 
twofold increase in the area per bead. 
2.3.2 BEAD SIZE SELECTION 
It is also critical to choose a bead size (diameter) that will result in full immersion of the bead 
inside the gel upon PA polymerization.  Gel stiffness affects the location of beads as shown in 
Figure 5 A.  For 0.1 μm-diameter beads, the bead depth increases with decreasing stiffness.  This 
could be a result of the inverse relationship between pore size and PA gel stiffness [47].  For all of 
the three stiffness gels tested, the beads are consistently localized inside the gel, and within 1 μm 
of the gel surface as illustrated in Figure 8 A.  The average location of 1 μm beads within the gel 
also varies with stiffness. They are embedded deeper (approximately 1.25 μm) into the 1 kPa gels.  
For the 10 and 40 kPa gels, the location of the top of 1 μm-diameter beads ranges from 
approximately 0.5 μm above to 0.5 μm below the gel (Fig. 5) surface, which means the beads 
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occasionally protrude through the top of the gel (Fig. 8 B). This is detrimental because it introduces 
topography for the cells, and topography is known to affect cell-substrate interactions [48].  Thus, 
it is necessary to be mindful of choosing beads for this technique when preparing gels of a specific 
rigidity. Of the two bead sizes utilized to characterize this method, 0.1 µm-diameter proves the 
optimum size.  Other bead sizes may be utilized with this technique, but should be calibrated using 
confocal microscopy as we describe here, to understand the precise depth to which the beads are 
localized during gel polymerization. 
2.3.3 EFFECT OF BEADS ON MATRIX ELASTICITY 
This technique improves spatial resolution of beads in PA gel by increasing the number of 
distinguishable particles within the field of view. Localizing the beads to a layer near the top of 
the gel does not significantly affect the composite stiffness of the gel. Isostress composite theory 
is utilized to compute the composite elastic modulus, Ec, of only the 1 μm-thick layer of gel 
containing beads as 
𝐸𝑐 =
𝐸𝑓𝐸𝑚
𝐸𝑚𝑣𝑓+𝐸𝑓𝑣𝑚
 (1) 
where Ef is the elastic modulus of the polystyrene beads (3 GPa), Em is the elastic modulus of the 
gel matrix (10 kPa), and vf and vm are the volume fractions of the beads and gel matrix, respectively. 
Because the beads comprise only .03% of the volume, Ec = 10.0025 kPa is not significantly 
different than the elastic modulus of an isotropic gel of stiffness 10 kPa. An established method 
for fabricating PA gels reduces the polymerization time to 30 seconds, thus minimizing the effect 
of gravity on the distribution of beads during polymerization [49].  Our method relies on the longer 
(~30 minutes) polymerization time for the beads to polymerize into the gel such that they do not 
protrude the gel surface. Because localizing the beads to a single layer does not significantly affect 
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the composite gel stiffness, and the longer polymerization time aids in the transfer of beads into 
the gel matrix, we do not incorporate any measure to reduce polymerization time in our technique.   
 
2.3.4 IMPROVEMENT IN MEASUREMENT ACCURACY AT SUBSTRATE SURFACE 
Our technique demonstrates how to localize the beads to a known depth inside PA gel, which 
improves the measurement of substrate deformation, and thus the calculation of cell traction forces. 
A theoretical approach to quantify the cellular traction forces has been previously reported [50, 
51]. This approach treats the gel substrate as a semi-infinite solid in elastic half space. The 
Boussinesq solution is used to solve the inverse problem of calculating traction forces from a 
displacement field. We employ a simplified version of the Boussinesq integral to quantify the error 
in displacement measurement due to beads distal from the gel surface [52]. The equation for the 
displacement in a given direction based on an applied shear stress, 𝜏, over a given radius, R, is 
given by 
𝑢𝑥 =
𝜏
4𝜇
[2(√𝑅2 + 𝑧2 − 2𝑧) + √𝑅2 + 2𝑧2]  (2) 
where ux is the displacement in the x direction, 𝜇 is the shear modulus, and z is the depth of the 
beads from the gel surface. For various locations of beads throughout the depth of the gel, 
corresponding displacements are shown in Table 2.   
For the case shown here, the radius is estimated to be an average focal adhesion size of 1 
μm.  If the beads are assumed to be coplanar with the cells (z = 0), the displacement is given by 
0.75 𝜏 𝜇⁄ . If the beads are only 1 μm below the gel surface, the displacement is given by 0.24
𝜏
𝜇⁄ .  
This represents greater than a threefold reduction in displacement from a bead coplanar with the 
surface to a location 1 μm below.  This introduces error in the calculation of surface traction forces 
based on the motion of embedded beads whose precise locations within the gel are unknown. The 
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variation in traction defined by 𝜏 𝜇⁄ , as a function of the depth of the beads in the gel for both the 
proposed and traditional fabrication methods is significant. Figure 9 shows the distribution of 
forces (given by the ratio 𝜏 𝜇⁄ ) based on Boussinesq theory that result from computation utilizing 
the distribution of bead depths, z, within the optical depth of field when beads are uniformly 
distributed in the gel and localized near the surface. The most accurate measurement of cell force 
would result if beads were on the same plane as the cells, where z = 0 and 𝜏 𝜇⁄  = 0.0133. When 
compared to this case, 𝜏 𝜇⁄  increases by 118%, 80%, and 50% for 1 kPa, 10 kPa, and 40 kPa gels, 
respectively, when beads are localized near the surface using the technique we propose. When 
beads are uniformly distributed throughout the gel depth, 𝜏 𝜇⁄  increases an additional 60%, 80%, 
and 150% beyond the increase induced by localizing beads near the surface, for 1 kPa, 10 kPa, and 
40 kPa gels, respectively. This represents a total of nearly 200% error in traction calculations when 
the beads are distributed throughout the gel depth. Thus, localizing the beads to a known depth 
inside the gel improves accuracy in displacement measurements and cell traction forces. 
2.4 CONCLUSION 
The technique described in this chapter presents a new way to prepare PA gel substrates for traction 
force microscopy applications such that the beads are localized near the gel surface.  Confining 
the beads to a known depth within PA gel provides new information about the actual displacement 
of beads upon cell force application, creating a more accurate picture of how the cells are 
deforming their underlying substrate. 
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2.5 FIGURES AND TABLES 
 
  
A) 
B) 
C) 
D) 
Figure 1 Illustration of functionalization process for top glass cover slips with PDL and fluorescent beads. A) 
Glass cover slips (blue) are incubated with 0.1 mg/ml PDL (orange) for one hour. Compressed air is used to blow the 
cover slips dry and remove the PDL.  B) Glass cover slips are incubated with a solution of 100 nm-diam. fluorescent 
beads for 5-10 minutes, then removed by applying compressed air. One layer of beads remains electrostatically 
coupled to the coverslip. C) Coverslips functionalized with beads are used to sandwich PA gel with an activated glass 
surface. D) Upon removal of the top cover slip following PA gel polymerization, the beads are located within and 
very near the surface of the gel. 
A) 
B) 
C) 
) 
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A) B) 
Figure 2 PA Gel Surface Containing 0.1 μm-diameter Fluorescent Beads. Prior to coating the PDL-
treated top glass cover slip with beads, the bead solution was diluted A) 10,000 fold (3.64 x 10
8
 beads/ml) 
and B) 20,000 fold (1.82 x 10
8
 beads/ml). 
Figure 3 Cell-substrate interface with beads localized near the surface of the gel.  A schematic of two 
scenarios in which bead location within a PA gel was quantified using confocal microscopy and a centroid 
identification algorithm. The first scenario is shown in A) Red 100 nm-diameter beads inside the gel and 
green 1 μm-diameter beads on the surface, and the second in B) Green 1 μm-diameter beads on the surface 
and red 100 nm-diameter beads inside the gel. C) A cartoon illustration of a cell (yellow) adhered to a gel 
(blue) with red beads localized inside the gel near its surface and a green bead sitting on its surface. 
A) 
B) 
B) 
A) 
C) 
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Figure 4 Confocal slice (XY, center) and accompanying YZ (left) projection views of a gel with red 
0.1 μm beads embedded in the gel and 1 μm beads on the surface.  The units for all axes are in 
nanometers.  Occasional occurrences of red beads above or in the same plane as green beads is attributed 
to slight overlap in the fluorescence emission spectra for red (mCherry) and green (GFP). 
Figure 5 Histograms of the depth of beads confined near the top surface of PA gel.  Stiffnesses 1 kPa, 10 
kPa, and 40 kPa are represented by blue, red, and black, respectively.  A Guassian curve was fit to each data 
set and the x-value corresponding to its amplitude is interpreted as the average depth of beads.  Two scenarios 
were tested: A) 0.1 μm beads inside the gel with 1 μm beads on the surface, and B) 1 μm beads inside the gel 
with 0.1 μm beads on the surface. 
A) B) 
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Figure 6 Histograms of the depth of beads embedded arbitrarily throughout PA gel. Traditional fabrication 
method (black) and beads were localized near the top layer of PA gel using this technique (red) for PA gels of 
stiffness A) 1 kPa, B) 10 kPa, and C) 40 kPa. Inset shows the depth of the beads in both gel types within the upper 
most 10 μm of the gel. 
Figure 7 Displacement field due to cell traction. A) Phase contrast image of a fibroblast 
on 10 KPa gel. B) Displacement field generated by traction generated by the fibroblast. 
Color bar indicates bead displacement in nanometers. C) Fluorescence image of 0.1 μm-
diameter beads underneath a cell prior to trypsinization. 
B) C) A) 
A) B) C) 
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Figure 8 Illustration of average location of beads inside the gel relative to a different size/wavelength 
bead sitting on the gel surface. The stiffness of PA gel decreases from left to right (40 kPa, 10 kPa, 1 
kPa). A) Red 0.1 μm-diameter beads inside the gel and green 1 μm-diameter beads on the surface B) 
Green 1 μm-diameter beads inside the gel and red 0.1 μm-diameter beads on the surface. 
B) 
A) 
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Figure 9 Distribution of τ/μ computed using Boussinesq theory for various depths of 0.1 μm-
diameter beads embedded uniformly and specifically (localized near top layer). τ/μ is computed 
using a range of depths within the depth of field (1 μm) of the top gel surface in A) 1 kPa gels, B) 10 kPa 
gels, and C) 40 kPa gels. The gold arrow indicates the value of τ/μ = 0.013 for the bead depth z = 0. 
A) 
B) 
C) 
B) 
) 
) 
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E 
(kPa) 
40% 
Acrylamide 
(µL) 
 BIS 
(concentration) 
2% BIS 
(µL) 
100 mM 
HEPES (µL) 
0.1 625 0.00009 22.5 4225 
0.25 625 0.0001 25 4222.5 
0.5 625 0.00011 27.5 4220 
0.75 625 0.0002 50 4197.5 
1 625 0.0003 75 4172.5 
1.5 625 0.0004 100 4147.5 
2 625 0.0005 125 4122.5 
2.5 625 0.0006 150 4097.5 
3 625 0.0008 200 4047.5 
3.5 625 0.0009 225 4022.5 
4 625 0.001 250 3997.5 
4.5 625 0.0012 300 3947.5 
5 625 0.0014 350 3897.5 
5.5 625 0.0016 400 3847.5 
6 625 0.0018 450 3797.5 
6.5 625 0.002 500 3747.5 
7 625 0.0022 550 3697.5 
7.5 625 0.0024 600 3647.5 
8 1000 0.001 250 3622.5 
10 1000 0.0013 325 3547.5 
15 1000 0.002 500 3372.5 
20 1000 0.0027 675 3197.5 
30 1000 0.0037 925 2947.5 
40 1000 0.0048 1200 2672.5 
  
Table 1 Polyacrylamide Gel Chemical Concentrations based on Young’s Modulus. For a desired PA gel elastic 
modulus, the listed concentrations of Acrylamide, Bisacrylamide, and HEPES buffer should be supplemented with 
5 μL Acrylic Acid, 25 μL 10% Ammonium Persulfate (APS), and 2.5 μL TEMED. 
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z (μm) ux (( τ/μ) μm) 
0 0.750 
0.5 0.394 
1 0.237 
1.5 0.164 
2 0.124 
2.5 0.100 
3 0.083 
3.5 0.071 
4 0.062 
4.5 0.056 
5 0.050 
 
 
  
Table 2 Displacements as a function of τ/μ corresponding to depth, z, of beads from the gel surface based on 
Boussinesq theory. 
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CHAPTER 3: THE EFFECT OF FLUORESCENCE ILLUMINATION ON 
CONTRACTILE FORCE DYNAMICS 
The work in this chapter has been previously published in a scientific journal. It is reprinted from 
Scientific Reports, vol. 5, Knoll, S. G., Ahmed, W. W., Saif, M. T. A., Contractile dynamics 
change before morphological cues during fluorescence illumination, srep18513, 2015 [36]. 
Utilizing the technique described in the previous Chapter, we aimed to elucidate the effect of 
fluorescent excitation light on cell force dynamics. 
3.1 EXPERIMENTAL OVERVIEW 
Illumination can have adverse effects on live cells. However, many experiments, e.g. traction force 
microscopy, rely on fluorescence microscopy. Current methods to assess undesired photo-induced 
cell changes rely on qualitative observation of changes in cell morphology. Here we utilize a 
quantitative technique to identify the effect of light on cell contractility prior to morphological 
changes. Fibroblasts were cultured on soft elastic hydrogels embedded with fluorescent beads. 
The adherent cells generated contractile forces that deform the substrate. Beads were used 
as fiducial markers to quantify the substrate deformation over time, which serves as a measure of 
cell force dynamics. We find that cells exposed to moderate fluorescence illumination (λ = 540 - 
585 nm, I = 12.5 W/m2, duration = 60 s) exhibit rapid force relaxation.  Strikingly, cells exhibit 
force relaxation after only 2 s of exposure, suggesting that photo-induced relaxation occurs nearly 
immediately. Evidence of photo-induced morphological changes were not observed for 15-30 min 
after illumination. Force relaxation and morphological changes were found to depend on 
wavelength and intensity of excitation light. This study demonstrates that changes in cell 
contractility reveal evidence of a photo-induced cell response long before any morphological cues.  
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Here, we employ photo-induced change in cell contractility to identify their response to 
fluorescent illumination. Cell response to excitation light is assessed by measuring the effect of 
short duration fluorescence exposure on fibroblasts plated on elastic polyacrylamide (PA) gels 
embedded with fluorescent beads. Adherent cells continuously pull on their underlying substrate 
[53, 54] and bead motion allows quantification of substrate deformation, which serves as a measure 
of cell force dynamics [23, 55]. Here, we have induced cell force relaxation by illuminating cells 
with fluorescent excitation light. As a result, we observe a transition from the natural contractile 
state of the cell to relaxation, which we use to characterize cell sensitivity to light. This technique 
can be applied to the many studies that already utilize fiducial markers in substrates to track cell 
behavior, such as PDMS [56], microposts and pillars [57], and three-dimensional culture systems 
[58, 59]. While photo-induced cell changes depends on several parameters, this study identifies 
the onset of photo-induced cell sensitivity as the transition from cell contraction to relaxation 
during illumination. We observe this transition prior to distinct morphological changes due to 
exposure. 
3.2 MATERIALS AND METHODS 
3.2.1 HYDROGEL FABRICATION AND CELL CULTURE 
Polyacrylamide (PA) gels of varying elastic moduli (2, 5, 10 kPa) were utilized. Gel stiffness was 
modulated by mixing Acrylamide and Bisacrylamide according to specifications reported in a 
well-established protocol [60]. Cell force contractility studies commonly employ beads with 
excitation (ex) wavelengths in the range of 505 to 633 nm and emission (em) wavelengths between 
515 and 720 nm [54, 61-75]. We embedded red (580/605 nm ex/em) fluorescent beads 
(Fluospheres®, Life Technologies, Carlsbad, CA) of diameter 100 nm very near (within 1.5 µm 
of) the PA gel surface [45] for high-resolution measurements of substrate deformation. N-
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hydroxysuccinimide (NHS) and 1-Ethyl-3-[3-dimethylaminopropyl]carbodiimide hydrochloride 
(EDC) (Thermo Scientific, Waltham, MA) were used to couple the extracellular matrix protein, 
fibronectin (Life Technologies, Carlsbad, CA), to the gel surface [76]. Cells were plated on PA 
gels and immersed in media comprised of Dulbecco's Modified Eagle's Medium (Corning, 
Corning, NY) (4.5g/L glucose, 4mM L-glutamine) supplemented with 10% fetal bovine serum 
(Sigma-Aldrich, St. Louis, MO) and 1% Penicillin Streptomycin (Corning, Corning, NY).  
3.2.2 IMAGING SPECIFICATIONS 
All experiments were performed using an Olympus IX81 microscope and 40x UApo N340 water 
immersion objective (NA 1.15) (Olympus America Inc., Center Valley, PA) mounted on a 
vibration isolation table (Newport Corporation, Irvine, CA). An environmental chamber enclosed 
the experimental platform, and maintained cell culture conditions throughout imaging (5% CO2, 
70% humidity and 37° C). Images were acquired with a Neo sCMOS camera (active pixels 1392 
x 1040, resolution of 165 nm per pixel) (Andor Technology, Belfast, Northern Ireland). A wide 
field fluorescent metal halide lamp (X-Cite® 120, Excelitas Technologies, Waltham, MA) coupled 
with an mCherry filter (Semrock Brightline mCherry-M-OMF, 540-585/600-682 nm ex/em, 
Rochester, NY) was utilized for fluorescence imaging. Samples were illuminated with fluorescent 
excitation light of intensity 12.5 W/m2 (as measured by a PM100 power meter, ThorLabs at a 
sample plane 15.5 mm above the objective). Additional experiments were performed with either 
(1) a neutral density filter (32ND25, Olympus America Inc., Center Valley, PA) coupled with the 
aforementioned wide field fluorescent metal halide lamp and mCherry filter (λ = 540-585/600-682 
nm ex/em, I = 3.0 W/m2) or (2) a deep red collimated LED (λ = 640-680/650 (high pass) nm ex/em, 
I = 1.9 W/m2) (Thorlabs, Inc., Newton, NJ) to test the effect of higher wavelength and lower 
intensity on photo-induced cell force relaxation. For the remainder of this paper, the three 
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excitation light sources will be referred to as follows: mCherry = wide field halide fluorescence + 
mCherry filter; mCherry + ND25 = wide field halide fluorescence + mCherry filter + ND25 neutral 
density filter; LED = deep red collimated LED. 
3.2.3 EXPERIMENTAL PROCEDURE 
Monkey kidney fibroblast cells (ATCC, Manassas, VA) were plated sparsely (2,500 cells/cm2) on 
PA hydrogels and allowed to adhere and spread for 4 to 6 hours. An image of a single cell was 
acquired using differential interference contrast (DIC). Cells were subsequently illuminated with 
fluorescent excitation light while maintaining the same field of view. We utilized two illumination 
protocols to test the time sensitivity of cell response to excitation light: (1) continuous illumination 
for 60 s and (2) continuous illumination for 2 s followed by a single exposure at t=60 s.  A video 
of the substrate-embedded beads was recorded at a sampling rate of 10 Hz. The two illumination 
protocols are shown in Fig. 10 A. This imaging procedure was repeated for gels of varying stiffness 
(n=17 cells per stiffness). We quantified cell-induced substrate deformation with ± 10 nm spatial 
resolution (Fig. 11) by measuring the displacements of beads within the gel using a single-particle 
tracking algorithm [77].  Trajectories of embedded beads were separated into two categories based 
on their position within the spread area boundary of a cell or outside (Fig. 10 B). Bead motion 
away from the cell centroid is positive (relaxation), and bead motion towards the cell centroid is 
negative (contraction). In order to compare photo-induced changes in force contractility and 
morphology, cells were imaged with DIC immediately before and after illumination by mCherry 
excitation light. Change in morphology was assessed by the following visual cues: decrease in 
spread area, blebbing, and retraction of the cell edge. Only one cell per PA hydrogel was utilized 
to avoid repeated illumination of surrounding cells. 
 25 
 
3.3 RESULTS AND DISCUSSION 
3.3.1 SUBSTRATE DEFORMATIONS INDICATE FORCE RELAXATION 
Single particle tracking of the embedded beads revealed nanoscale cell-induced deformations of 
the substrate on the order of tens to hundreds of nanometers (Fig. 10 C). Most displacements 
followed a linear trajectory, representing a constant rate of relaxation (outward bead motion) or 
contraction (inward bead motion) of the cell. Occasionally a continuous push or pull on the 
substrate was interrupted by an abrupt outward jump in displacement.  
To illustrate substrate deformation, a probability distribution function (PDF) was employed 
to quantify cell-induced displacement fluctuations (Fig. 12 A). Gel substrates without cells were 
recorded to establish the experimental noise floor (blue curve in Fig. 12 A). Deviation of the cell-
induced displacements from the noise floor represents activity-driven motion generated by cell 
forces. The cell-induced displacement distribution is shifted right, indicating an overall outward 
motion representing cell relaxation (Fig. 12 A). Skewness of the distribution (
𝑚3
𝜎3
, where 𝑚3 =
∑
(𝑥𝑖−?̅?)
3
𝑛
𝑛
𝑖=1  and σ = St. Dev.) was quantified as 1.29 by computing the third moment about the 
mean. A skewness value greater than 1 indicates a skewed probability distribution [78]. Thus, 
motion is highly skewed toward positive, outward displacements (represented by the light gray 
area in Fig. 12 A). This trend is also evident on a stiffer substrate, where E=10 kPa (Fig. 13). By 
integrating the PDF, we find that the probabilities of outward and inward motion are 0.75 and 0.25, 
respectively. Similar results were observed on 5 and 10 kPa substrates (Table 3). Collectively, 
these data show the majority presence of outward motion during illumination indicating cell 
relaxation. For comparison, we performed the same experiments using lower intensity light (Fig. 
12 B). Decreased illumination intensity leads to decreased cell relaxation (Fig. 12 B). This shows 
that the degree of cell force relaxation during illumination depends on exposure intensity. As such, 
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the probability of relaxation, (P(r)), decreases with decreasing light intensity (Table 4). The high 
(>0.5) P(r) relative to probability of contraction (P(c) =1-P(r)) upon illumination for all tested 
excitation light sources suggests cell force relaxation occurs during light exposure. However, this 
effect is most prominent for higher intensity light.  Cells illuminated with the mCherry excitation 
light both with and without the ND25 filter exhibit a strong bias toward relaxation, while those 
illuminated with the LED produce more symmetric displacement distributions indicating 
fluctuation around a mean contractile state (Table S2). This suggests that the LED light source 
causes the least cell perturbation.  
Two illumination protocols were employed in order to investigate the time to onset of 
photo-induced cell relaxation: (1) continuous illumination for 60 s and (2) continuous illumination 
for 2 s, followed by a single exposure at t=60 s (Fig. 10 B). The purpose of protocol (2) was to 
evaluate the effect of short duration exposure to light. The net magnitude of displacements ((Δx2 
+ Δy2)1/2) was computed for cells subject to the two illumination protocols, and determined to be 
statistically similar (Fig. 12 C). Further exposure to light during 60 s appears to have minimal 
additional effects on the initiated processes. Thus, photo-response is irreversibly activated within 
2 s of exposure.   
To examine the cell relaxation in more detail, we look directly at the displacement maps of 
embedded beads. Global displacement fields for all studied cells reveal the progression of force 
relaxation throughout illumination. Representative displacement fields for a cell exposed to 60 s 
of illumination are shown in Figure 14. Arrows representing bead displacements during 
illumination became more aligned over time. This pattern was observed in all cells, and alignment 
of displacements was commonly oriented along the long axis of the cell. Alignment of bead 
displacements was observed for cells on various stiffness substrates (Fig. 15), although the 
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alignment occurred later for stiffer substrates. Relaxation was assessed by a majority of motion 
outward relative to inward. This bias consistently increased throughout illumination (Fig. 16). The 
consistent relaxation during exposure indicates the presence of photo-induced cell contractility 
changes when illuminated with mCherry excitation light.   
3.3.2 ANALYSIS OF PHOTO-INDUCED CHANGE IN DYNAMIC CELL 
CONTRACTILITY 
To characterize the dynamics of photo-induced relaxation, cell-substrate deformations were 
modeled as an anisotropic contractile force dipole. Cell force relaxation primarily occurred along 
the long axis of the cell, thus the observed displacements (occurring at many spatial locations 
underlying a cell) were projected to a minimal configuration represented by two point-force 
locations. In the previously established force dipole theory, these two point-force locations 
physiologically correlate to adhesion sites [79]. Here, the two point-force locations correlate to the 
long axis of the cell, along which relaxation occurred. 
The force dipole model is employed to provide a metric for cell force relaxation by 
assessing the global magnitude and orientation of substrate displacements over time. In order to 
quantify the spatiotemporal evolution and alignment of the deformation field during illumination, 
we define a net displacement dipole for the cell as a function of time. To define the displacement 
dipole, let (xi(t), yi(t)) be the coordinates of bead i at time t. Although the beads are constrained in 
the substrate, they represent individual points that are displaced when the cell applies force. Let 
the displacements of each observed location i over time t be defined by 
   ∆𝑥𝑖(𝑡) = 𝑥𝑖(𝑡) − 𝑥𝑖(0)    (1) 
and ∆𝑦𝑖(𝑡) = 𝑦𝑖(𝑡) − 𝑦𝑖 (0),   (2) 
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where exposure begins at t=0. Let n be the unit vector oriented along θ(0, 180) with respect to the 
x-axis. The projections of ∆x and ∆y along n are then  
 
  ∆𝑑𝑖(𝜃, 𝑡) = ∆𝑥𝑖 cos 𝜃 + ∆𝑦𝑖 sin 𝜃                (3) 
as shown in Fig. 17 A. Then, the projected sum of the absolute displacements for all measured 
points under a cell is  
     ∆𝐷(𝜃, 𝑡) = ∑ |∆𝑑𝑖|
𝑟
𝑖=1   (4) 
where r is the total number of point locations within the cell perimeter (Fig. 17 B). The angle, 
θm(t), with unit vector, nm, that maximizes ∆D(θ,t), is the direction of the displacement dipole at 
time t (Fig. 17 C). The corresponding magnitude of the dipole, or the dipole strength, at time t is 
described by ∆Dm(θm,t). A well-aligned displacement field will result in a ∆D(θ,t) that has a well-
defined maxima when plotted as a function of θ. A randomly arranged displacement field will be 
represented by a ∆D(θ,t)  with a broad distribution and no well-defined maxima. There may be 
multiple peaks of ∆D(θ,t), representing multiple dipoles along θj(t), j=1,….,K, where K is the 
number of dipoles.  
The sign of the dipole describes the state of cell force as either contraction (negative) or 
relaxation (positive). The time evolution of the dipole illustrates the evidence of cell relaxation 
observed during fluorescence illumination. The dipole sign is defined by the relative location of 
the two points that comprise the dipole, as projected onto nm. Each of the two points is 
characterized by either outward or inward motion. To determine the sign of the dipole, we first 
define the location, dim(t), of a point, i, along nm at time t as 
       𝑑𝑖𝑚(𝑡) = 𝑥𝑖(0) cos 𝜃𝑚 + 𝑦𝑖(0) sin 𝜃𝑚,             (5) 
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imposing the assumption that the initial point-force location remains constant relative to t=0. 
Displacement, ∆dim(t), of the same point, i, along nm is 
       ∆𝑑𝑖𝑚(𝑡) = ∆𝑥𝑖(𝑡) cos 𝜃𝑚 + ∆𝑦𝑖(𝑡) sin 𝜃𝑚, (6) 
where a positive ∆dim(t), implies that the point i has moved in the direction of nm (outward) during 
time t. Let M+ and M- be the quantity of outward and inward moving points at time, t, respectively, 
such that 
   𝑀+ = ∑(∆𝑑𝑖𝑚(𝑡) > 0)  (7) 
  𝑀− = ∑(∆𝑑𝑖𝑚(𝑡) < 0)  (8) 
and M+ + M-= r. Physically, a cell with a larger M+ than M- value would characterize the state of 
that cell as force relaxation rather than contraction. The average spatial locations (centroid) of the 
two respective points whose outward and inward displacements define the dipole along nm are 
given by
 
Xm+(t) and Xm-(t), respectively, where 
       𝑋𝑚+(𝑡) =
1
𝑀+
∑ 𝑑𝑖𝑚
𝑀+
𝑖=1  for ∆𝑑𝑖𝑚(𝑡) > 0  (9) 
and 𝑋𝑚−(𝑡) =
1
𝑀−
∑ 𝑑𝑖𝑚
𝑀−
𝑖=1  for ∆𝑑𝑖𝑚(𝑡) < 0  (10) 
(Figs. 18 A – C). The net positive and negative displacements occurring at Xm+ and Xm-, 
respectively, are given by 
∆+= ∑ ∆𝑑𝑖𝑚
𝑀+
𝑖=1  for ∆𝑑𝑖𝑚(𝑡) > 0, and (11) 
∆−= ∑ 𝑑𝑖𝑚
𝑀−
𝑖=1  for ∆𝑑𝑖𝑚(𝑡) < 0,  (12) 
 
Then the displacement dipole, Dp(t), at time t is defined as follows: 
    𝐷𝑝(𝑡) =
[(𝑋𝑚+−𝑋𝑚−)]
|𝑋𝑚+−𝑋𝑚−|
[
∆+−∆−
2
]  (13) 
=
[(𝑋𝑚+−𝑋𝑚−)]
|𝑋𝑚+−𝑋𝑚−|
∆𝐷(𝜃𝑚 , 𝑡)  (14) 
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=
[(𝑋𝑚+−𝑋𝑚−)]
|𝑋𝑚+−𝑋𝑚−|
∑ |∆𝑑𝑖𝑚|
𝑁
𝑖=1   (15) 
where a positive Dp(t) implies a relaxed cell.  
The metrics developed here describe how cell force relaxation occurs over time under 
different illumination conditions. Geometrically polarized cells in which force distributions are 
expected to be highly aligned were utilized. This analysis technique highlights the difference 
between the effect of excitation by the full intensity mCherry source and the mCherry + ND25 
excitation light on cell forces (Fig. 19). Cells illuminated with the mCherry + ND25 show less 
relaxation (Fig. 19 A). With the mCherry source, cells transition to a primarily relaxed state 
throughout exposure. The time-evolution of this photo-induced relaxation and displacement 
alignment is characterized by the evolution of the dipole orientation, as determined by the strength 
and alignment of the dipole. Dipole strength, ΔDm(θm,t), and orientation, θm(t), were determined 
for all studied cells. Dipole strength represents the magnitude of cell-induced motion projected 
onto a unit vector at a given angle. Fig. 19 B shows distributions of ΔD(θ,t) at t=2, 5, 30, and 60 s 
for a cell subjected to illumination continuously for 60 s (illumination protocol 1). The 
corresponding dipole orientation is determined by the maximum of ΔD(θ,t) (Fig. 19 C). During 
the early phase of exposure (t=0-10 s), the angle of maximum dipole strength is not well defined 
for cells (as shown by the overlapping curves for t=2, 5, and 10 s in Fig. 19 B). As illumination 
proceeds, the dipole orientation becomes well defined for cells illuminated by the full intensity 
mCherry source, and stabilizes at a constant value (Figs. 19 B  and  C). The displacement dipole, 
Dp(t), exhibits continuous relaxation for cells illuminated by the full intensity mCherry source, 
which is consistent with the observation that displacements move outward (Fig. 19 D).  However, 
the cells exposed to mCherry + ND25 illumination exhibit much less relaxation over time. This 
large-scale relaxation was observed in all cells (n=17) for each tested substrate stiffness. 
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Surprisingly, the displacement dipole value at 60 s is similar for the cells exposed to light for only 
2 s of the mCherry source (Figs. 20 A and B). These results are consistent with the similarity 
between displacements observed after either 2 or 60 s of illumination (Fig. 12 C). This suggests 
that the cells are affected by illumination within 2 s, and continue to reorganize applied forces at 
a rate comparable to those exposed continuously for one minute. 
This analysis method illustrates that cells fluctuate between a globally contractile to relaxed 
state before achieving constant relaxation during illumination, and how that process differs 
temporally for different light sources. For the representative cell exposed to mCherry + ND25 
excitation light in Fig. 19, the dipole strength is maximum at 105⁰. However, the distribution is 
broad and not sharply peaked (Fig. 19 B). This suggests that the cell has not relaxed to the same 
extent that the cell illuminated with full intensity mCherry source has relaxed, when illuminated 
for the same amount of time as shown clearly in Fig. 19 D. Additionally, the displacement dipole 
value for the mCherry + ND25 source continues to fluctuate between negative (contraction) and 
positive (relaxation) throughout illumination, while the same quantity fluctuates for only the first 
ten seconds of illumination after which it sustains a consistent positive value for the mCherry-
exposed cell (Fig. 19 D). This indicates that the cell exposed to the full intensity mCherry source 
achieves consistent force relaxation during of illumination. The ability to distinguish between 
dynamic cell contraction and relaxation during illumination is a quantitative technique for 
assessing photo-induced changes in cells prior to observable changes in morphology. 
As cell morphology is commonly used to assess cell health during illumination, we 
explored photo-induced cell contractility changes revealed by the cell force dipole model. While 
we observe clear changes in cell contractility due to short duration fluorescence illumination, we 
do not observe any clear morphological changes. This demonstrates that morphology is not 
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immediately affected by photo-exposure, and is not a sensitive read-out of photo-induced cell 
change. However, morphological changes manifest over longer time periods following 
illumination. The severity of the changes depends on the excitation light. This response is 
consistent across all tested substrate stiffnesses. Cells (n=50) subjected to 60 s of fluorescence 
illumination did not exhibit significant change in spread area of (+1.25% ± 3.2%) immediately 
after illumination. Several (n=5) of these individual cells were monitored in DIC over a longer 
time period (30 min) following illumination for 60 s by both mCherry and LED excitation light 
sources (Figs. 21 A and B). Control cells exposed only to DIC exhibited no visible change in 
morphology immediately before, after, or 30 minutes following illumination (Fig. 21 C). All cells 
exposed to mCherry excitation light for 60 s exhibit significant morphological changes 30 minutes 
after illumination (Fig. 21 A). Such changes include formation of spindle fibers, and/or membrane 
dissolution and vacuole formation (Figs. 21 D and E). All cells exposed to the mCherry excitation 
light source exhibit extreme morphological changes and do not return to their initial spread state 
following illumination. In most cases, the cells significantly reduce their spread area such that they 
completely detach from the substrate and do not reestablish their spread morphology. This 
irreversible morphological response indicates that cells are no longer viable following 60 s 
exposure by the mCherry excitation light source. When cells are exposed to LED excitation light 
for 60 s, no morphological change is observed 30 minutes after illumination (Fig. 21 B).  This is 
consistent with the lower probability of force relaxation for cells exposed to the LED source (Table 
S1). Morphological changes do not appear immediately after illumination by either mCherry or 
LED excitation light source. Additionally, the long timescale of morphological change indicates 
that force relaxation precedes morphological reorganization following illumination.  Thus, the 
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dipole model is useful to describe the dynamics of photo-induced changes in cell behavior 
significantly before any morphological evidence of cell response to excitation light. 
3.4 OUTCOMES AND CONCLUSIONS 
Fluorescence microscopy is a commonly used tool for live cell imaging. However, the effects of 
exposing live cells to fluorescent excitation light have typically been by qualitative assessment of 
cell morphology. We find that cells exhibit light sensitivity before observable morphological 
change by measuring the contractile dynamics of cells on elastic substrates. Our results show that 
contractile cell forces relax during fluorescent exposure, which manifests as outward displacement 
of the underlying substrate. Cells illuminated for either 2 s or 60 s underwent similar relaxation 
dynamics, suggesting the process occurs shortly after exposure and proceeds irreversibly. Both 
force relaxation and morphology change depend on the excitation light. Morphological change 
appears much later than force relaxation, and hence is not a reliable real time indicator of photo-
induced disruption to normal cell behavior. This work identifies cell force relaxation as a rapid 
effect of fluorescence illumination, and introduces a quantitative tool to characterize nanoscale 
relaxation dynamics before any observable changes in morphology. 
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3.5 FIGURES AND TABLES 
  
Figure 10 Overview of experimental methods. A) Two illumination protocols utilized for imaging fibroblast 
cells with mCherry excitation light: (1) continuous illumination for 60 s, and (2) continuous illumination for 2 s, 
followed by instantaneous illumination 58 s later for acquisition of a single frame at t=60 s. Illumination periods 
shown in grey. B) Sample cell-beads overlay. Yellow outline indicates cell perimeter + ~5 μm. C)  Corresponding 
trajectories for a select number of beads within and outside of cell boundary. Example relaxation, contraction, 
and jump trajectories demarcated in grey. 
Figure 11 Particle tracking precision for beads immobilized in PA gel substrates. Probability distributions 
for bead displacement in gels devoid of cells over one-minute illumination.  Bead displacements on A) 2 kPa 
and B) 10 kPa substrates are shown in red. A Gaussian fit representing displacements of the noise floor is shown 
in blue. Displacements represent over 500 particles from 3 distinct gel substrates. 
B) A) C) 
A) B) 
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Figure 12 Probability distributions of cell-induced displacements for various experimental conditions. A) 
Cell-induced displacements represent cell force greater than noise floor. Probability distributions (τ=60 s) of 
bead displacements during one-minute illumination. Displacements induced by cells (n=17) plated on 2 kPa 
substrate shown in red (σ = 41.4 nm). Gaussian central region represents noise floor of stationary beads in a gel 
with no cells, shown in blue (σ = 7.5 nm). The shaded regions under the distribution denote relaxation (light 
grey) and contraction (dark grey) of the substrate due to changes in cell force during illumination. B) Cell force 
relaxation during illumination decreases with decreasing intensity. Probability distribution functions (τ = 60 s) 
for bead displacements as a result of cell force during illumination by various light sources (mCherry = wide 
field halide fluorescence + mCherry filter; mCherry + ND25 = wide field halide fluorescence + mCherry filter 
+ ND25 neutral density filter; LED = deep red collimated LED). Each curve represents cell-induced motion of 
> 2500 beads from n=6 cells. The variance of the mCherry and both the mCherry + ND25 and LED distributions 
were determined to be statistically different according to an F-test (α = 0.05). C) Effects of short and long (2 and 
60 s) duration excitation light on substrate deformation due to cell forces at the 60th second. Probability 
distribution of displacements (τ = 60 s) for cells subject both protocols (Fig. 1 A) with mCherry excitation light 
as denoted by figure legend, on a 2 kPa gel substrate. Each distribution is a representative data set for six cells. 
The variance of both distributions were determined to be statistically similar according to an F-test (α = 0.05). 
 
Figure 13 Cell-induced displacements of stiff substrate represent cell force greater than thermal noise. 
Probability distributions for displacements over one-minute illumination period showing the magnitude of 
displacement of all points after 60 seconds. Displacements underlying cells (n=17) plated on 10 kPa substrate 
shown in red (σ = 15.7). Gaussian representing thermal displacements of beads in gel with no cells shown in blue 
(σ = 3.6).  
B) C) A) 
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Figure 14 Cell forces relax along a distinct direction during illumination period. Blue and red arrows 
indicate inward and outward motion relative to the area centroid, respectively. Within 10 s of illumination, bead 
displacements become aligned. Increasing magnitude and presence of red arrows between 10 – 30 s shows 
increasing outward motion during illumination, representing force relaxation. Arrows representing displacement 
magnitude are magnified 50x to aid visual clarity. Width of grey (corresponding to the cell mask) and yellow 
(corresponding to the displacement vectors) scale bars represent 10 μm and 0.25 μm, respectively.  
 
Figure 15 Directionally preferential cell force relaxation on various stiffness substrates during 
illumination. Displacement changes as a result of changing cell forces during 60 s of continuous exposure. 
Blue and red arrows indicate inward and outward motion relative to the area centroid, respectively. Arrows 
representing displacement magnitude are magnified 50x to aid visual clarity. Gray and yellow scale bars 
pertain to scale of cell and arrows, respectively. Width of gray and yellow scale bars represent 10 μm and 
0.25 μm, respectively. 
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Figure 16 Cell force relaxation increases with illumination time on various stiffness substrates 
during illumination. Proportion of outward- relative to inward- moving beads represents increasing 
dominance of force relaxation over contraction throughout illumination. Displacements induced by 
cells on 2 kPa (top), 5 kPa (middle), and 10 kPa (bottom) exhibit similar trends. Bar graph represents 
displacements of all beads for n=17 distinct cells. 
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Figure 17 Dipole orientation identification process. Schematic representation of cell outlined in blue 
at a given time, t, during illumination. Localized displacements (at point locations 1 to r) shown by grey 
arrows. A) Projections of all displacements onto a unit vector at angles θ{0,180}, given by Δd. Three 
sample angles are shown. B) All projections are summed to a single value, the dipole strength, ΔD. C) 
Finally, the dipole orientation, θm, is determined by the angle at which the maximum ΔD occurs. 
 
A B C 
Figure 18 Schematic of net displacement dipole. Net positive and negative displacements and their 
centroids are shown. Along the direction θ
m
, the sum of the projected displacements (absolute values) 
maximize. A) Bead displacements, ∆x and ∆y, were projected onto a unit vector along angle θ {1°, 180°}. 
Summed projected displacements at each time point were used to compute coordinates of the mean spatial 
locations, X
m+
 and X
m-
, of the force dipole and the corresponding outward (Δ
+
) or inward (Δ
-
) displacements 
at those coordinates. The spatial location of X
m+
 relative to X
m-
 determines the forcing motif (B) relaxed or 
C) contractile). 
A) C) B) 
) C) ) 
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Figure 19 Time evolution of displacement dipole. Left and right column in (A) – (C) represent cells 
illuminated with the mCherry and ND25 excitation light sources, respectively. (A) Displacements at 
t=60 s show alignment (yellow) along θ, in accordance with dipole model indicated by t=60 s on plot in 
(B). Arrows representing displacement magnitude are magnified 50x to provide visual clarity. Width of 
grey and yellow scale bars represent 10 μm and 0.25 μm, respectively. (B) Dipole strength at various 
time points (denoted in grey) during illumination. t=2, 5, 10 s not denoted in right figure to preserve 
visual clarity due to overlapping curves. (C) Angle of dipole over 60 s-illumination period. Double 
headed arrow in left figure indicates time period during which dipole orientation is not well defined. 
Individual time points correspond to dipole strength curves in (B). (D) Displacement dipole value in 
terms of global displacement over time. Consistent positive Dp value after t≈10 s for mCherry-
illuminated cell indicates cell force relaxation after that point. (A negative Dp would indicate 
contraction). Fluctuating Dp for the ND25-illuminated cell indicates between force contraction and 
relaxation throughout the 60 s illumination period. The time periods in which the sign of Dp fluctuates 
(mCherry: 0-10 s, ND25: 0-60 s) represents the periods in which the dipole is not yet well defined, as 
indicated by the progression of peak development in (B). Figure shows results for E = 2kPa gel. 
 
C) 
D) 
B) 
A) 
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Figure 20 Cell force reorganization initiates within 2s of illumination. A) Global displacements after 2 
s (left) and at t=60 s (middle). Arrows representing displacement direction become aligned by the 60
th
 
second. Enlarged image (right) shows zoomed in region of displacements at t=60 s to emphasize alignment. 
Arrows representing displacement magnitude are magnified 50x to aid visual clarity. Gray and yellow scale 
bars pertain to scale of cell and arrows, respectively. Width of gray and yellow scale bars represent 10 μm 
and 0.25 μm, respectively.  B) Force dipole values for same cell in terms of global displacement over time. 
Here, dipole strength is measured for the first 2 s, and then at t=60 s, since the same light is used to fluoresce 
the cells and track bead displacements. Although the cell was only illuminated from t = 0 – 2 s, D
p 
increases 
between 2 and 60 s, which is consistent with trend shown in Fig. 6. All D
p
 represent values x 10
4
. Break in 
x-axis represents t=2.5 – 55 s.  
A) B) 
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Figure 21 Change in morphology occurs long after fluorescent exposure and depends on excitation 
light. Morphology of two sample cells (n = 5) shown in DIC for each excitation light source A) wide 
field halide fluorescence + mCherry filter and (B) deep red collimated LED) and for C) no fluorescence 
exposure (control), immediately before (t-, top row), after (t+, top row), and 30 min after (t30, bottom 
row) continuous illumination for 60 s. Significant morphology changes in A) include decreased cell 
spread area (both cells) and spindle fiber formation and disorganization of nuclear region (right cell). 
Negligible morphology changes shown in B). Enlarged view of morphology changes at t30  for left and 
right cell as indicated by yellow insets in A) are shown in D) and E), respectively. All cells plated on 
PA gel of stiffness, E, = 2 kPa. Scale bar = 30 μm. 
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Table 3 Displacement direction indicates cell force relaxation on 
various stiffness substrates. High (>0.5) probability of outward- and 
inward- moving cell-induced displacements relative to the cell 
centroid suggests cell force relaxation. Cell relaxation is observed on 
substrates of various stiffnesses (2, 5, and 10 kPa). 
Table 4 Specifications for various excitation 
light sources. Probability of outward- (P(r)) 
moving bead displacements relative to the cell 
centroid increases with increasing illumination 
intensity, where the probability of inward motion, 
P(c)=1-P(r). 
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CHAPTER 4: ABRUPT FORCE RELAXATIONS IN FIBROBLAST CELLS 
The work in this chapter has accepted for publication in a scientific journal. It is reprinted from 
Extreme Mechanics Letters, Knoll, S. G. and Saif, M. T. A., Light induced, localized, and abrupt 
force relaxations in fibroblast cells on soft substrates, 2016 (in press). Expanding on the findings 
of light-induced force relaxation from the previous chapter, we aimed to characterize abrupt force 
relaxation events. 
4.1 BRIEF OVERVIEW 
Exposure to fluorescent excitation light is known to adversely affect living cells. Here, we provide 
experimental evidence that fibroblast cells relax abruptly during illumination with fluorescent 
excitation light. Cells were plated on polyacrylamide (PA) gels embedded with fluorescent 
microbeads. The beads served as fiducial markers to track substrate displacements induced by cell 
force [23, 55]. When the cells adhere, they apply traction forces to their underlying surface, causing 
the substrate to contract inward with respect to the cell boundary [53, 54]. We find that contractile 
cell forces are sporadically interrupted by abrupt force relaxation events, characterized by outward 
“jumps” in displacement (≥ 30 nm in 0.5 s) of the underlying substrate during exposure to 
fluorescent light. Jumps occur more frequently on softer substrates. Additionally, the speed and 
direction of displacements of particles before and after jumps are conserved, suggesting that the 
jumps do not involve any change in cytoskeletal or adhesion structure of the cell, and are possibly 
mediated by disengagement and re-engagement of myosin motors with actin filaments. 
Interestingly, we find that the frequency of jumps is also modulated by the energy introduced by 
the excitation light source. We propose a mechanistic hypothesis to explain the observations. 
 In this study, we have utilized a common experimental platform for measuring cell traction 
forces in order to study the effect of excitation light on abrupt relaxation events in fibroblast cells. 
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Cells were plated on polyacrylamide (PA) hydrogels embedded with a monolayer of fluorescent 
microbeads [23]. Adherent cells apply forces to their underlying surface [24, 25], resulting in 
deformation of the substrate and motion of the embedded microbeads [26, 27]. Displacement of 
the microbeads serves as a measure of cell force dynamics. We illuminated cells with fluorescent 
excitation light in order to induce cell force relaxation, and quantified the displacement of the 
beads as previously reported [12]. Intermittent outward (relative to the cell area centroid) jumps in 
displacement indicate abrupt relaxation events during illumination. Our findings demonstrate that 
increasing substrate rigidity reduces jump frequency, indicating that the mechanical 
microenvironment influences relaxation events. Jumps occur in localized spatial regions (< 5 μm 
from non-jumping neighboring particles), and particles maintain the same contractile-pulling 
speed and direction before and after a jump event.  This finding suggests the substrate adhesion 
linkage is maintained and a disruption to the internal cell force-generating machinery is 
responsible. Finally, we show that modulation of excitation light intensity alters jump frequency 
patterns, indicating that the observed force-disruption process is energy-dependent. Understanding 
the broad context within which abrupt changes to force-generating mechanisms in cells has been 
studied previously, we propose a hypothesis by which displacement jumps occur as a result of 
excitation light intensity. 
4.2 MATERIALS AND METHODS 
4.2.1 SUBSTRATE FABRICATION AND CELL CULTURE PROCEDURES 
PA gel substrates were fabricated with red (100 nm-dia., 580/605 nm ex/em) or dark red (200 nm-
dia., 580/605 nm ex/em) fluorescent microbeads (Fluospheres®, Life Technologies, Carlsbad, CA) 
embedded just below (≤ 1.6 μm) the cell culture surface [45]. Substrates were fabricated with 
elastic moduli 2, 5, and 10 kPa by mixing appropriate proportions of Acrylamide and 
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Bisacrylamide according to a well-established protocol [60]. The extracellular matrix protein, 
fibronectin, was linked to the surface using N-hydroxysuccinimide (NHS) and 1-Ethyl-3-[3-
dimethylaminopropyl]carbodiimide hydrochloride (EDC) (Thermo Scientific, Waltham, MA) 
[76]. Cell culture media was formulated with Dulbecco's Modified Eagle's Medium (Corning, 
Corning, NY) (4.5g/L glucose, 4mM L-glutamine), 10% fetal bovine serum (Sigma-Aldrich, St. 
Louis, MO), and 1% Penicillin Streptomycin (Corning, Corning, NY). 
4.2.2 EXPERIMENTAL SETUP 
Monkey Kidney Fibroblast cells (ATCC, Manassas, VA) were plated at an approximate density of 
2,500 cells/cm2 on PA gel substrates and allowed to adhere (attaining a fully spread state) for 4 to 
6 hours. Individual cells were identified and illuminated for 60 s with fluorescent excitation light. 
During the illumination period, a video of the embedded beads underlying the cell was recorded 
at a sampling rate of 10 Hz. All experiments utilized an Olympus IX81 and 40x UApo N340 water 
immersion objective (NA 1.15) (Olympus America Inc., Center Valley, PA) mounted on a 
vibration isolation table (Newport Corporation, Irvine, CA). The microscope imaging platform 
was enclosed by an environmental chamber, and culture conditions were maintained throughout 
experimentation (5% CO2, 60% humidity and 37° C). All image acquisition was conducted with a 
Neo sCMOS camera (active pixels 1392 x 1040, 165 nm/pixel) (Andor Technology, Belfast, 
Northern Ireland).  Three fluorescent excitation light sources were employed to evaluate the effect 
of varying levels of light intensity on displacement dynamics: (1) A wide field fluorescent metal 
halide lamp (X-Cite® 120, Excelitas Technologies, Waltham, MA) coupled with an mCherry filter 
(Semrock Brightline mCherry-M-OMF, λ = 540-585/600-682 nm ex/em, I = 12.5 W/m2, 
Rochester, NY), (2) a neutral density filter (32ND25, Olympus America Inc., I = 3.0 W/m2, Center 
Valley, PA) coupled with the light source listed in (1), and (3) a deep red collimated LED (λ = 
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625-650/650 (high pass) nm ex/em, I = 1.9 W/m2) (Thorlabs, Inc., Newton, NJ). Throughout the 
remainder of this paper, the light sources will be referred to as follows (1) mCherry, (2) ND25, 
and (3) LED. 
4.2.3 DISPLACEMENT AND JUMP ANALYSES 
Cell-induced substrate deformation was quantified using a single-particle tracking algorithm [77] 
with ±10 nm spatial resolution [36]. Displacements of embedded particles represent changes in 
cell force dynamics. Particles were classified as either inside or outside of the cell spread area 
boundary. Motion of particles outside the cell boundary represents measurement noise. Drift was 
approximated as an average of all particle motion outside the cell area at a given time during 
illumination, and was removed from all displacements. Particle motion was characterized based 
on its direction relative to the cell area centroid. Motion toward the centroid (inward) is negative 
and represents cell contraction; motion away from the centroid (outward) is positive and represents 
cell relaxation. We define a displacement “jump” as positive motion ≥ 30 nm within 0.5 s. The 
displacement threshold was set as 50% above the noise window (20 nm). The time threshold was 
determined based on assessment of empirical results. A post-processing software analysis of all 
tracked particles was used to identify jumps in particle trajectories. Analysis of particle trajectories 
utilized a Heaviside step function with a rolling window (no overlap) to identify positive motion 
≥ 30 nm during 0.5 s time intervals. The analysis is most comprehensive for 2 kPa gels, where 
average displacements are largest. Displacements of stiffer gels (E = 5 and 10 kPa) are smaller, 
thus additional jumps undetectable by this system may occur below the noise level.  
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4.3 RESULTS 
4.3.1 ILLUMINATION-INDUCED DYNAMICS EXHIBIT INTERMITTENT 
DISPLACEMENT JUMPS 
Continuous illumination of fibroblast cells induces changes in small-scale cell force dynamics. 
Previous work has shown that exposure to fluorescent excitation light causes force relaxation 
within time periods as short as 60 s [36]. We find that illumination-induced relaxation primarily 
manifests in two ways: (1) continuous relaxation, characterized by a steady, positive displacement 
trajectory slope (beads move away from the cell center monotonically with time) or (2) continuous 
contractile motion (beads moving towards cell center) interrupted by short, sudden, outward 
displacements (“jumps”) of substrate-embedded particles. A sample representative cell exhibiting 
jumps is shown in Fig. 22. Jumps (blue arrows in Fig 22 B) are sporadic, and seem to occur 
randomly for any given particle and any given cell. The direction of jumps is always positive, 
meaning the particle moves away from the cell centroid, representing a short, abrupt, force 
relaxation event.  
4.3.2 SUBSTRATE STIFFNESS AFFECTS JUMP PREVALENCE AND DISTANCE 
Although jumps seem to occur randomly, our results suggest that substrate stiffness affects the 
likelihood of jumps. We find that the number of jumps per cell during 60 s of fluorescent 
illumination is higher for cells on soft substrates. The number decreases with increasing substrate 
stiffness (Fig. 23). It is known that actomyosin contractility contributes to cell traction forces 
applied on the underlying substrate [80]. However, the jump heights (distance traversed by a given 
particle during a jump) are independent of substrate stiffness. At least half of all particles traverse 
the same distance (30 to 35 nm) during a jump on each tested substrate stiffness (Fig. 24 A). The 
distribution of jump heights is similar for all tested substrates. Note that jumps less than 30 nm 
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could not be detected with confidence. It is thus unclear whether the jump height distribution 
remains stiffness independent below 30 nm. This result is expected, as cell force has been shown 
to increase linearly with increasing substrate stiffness (Fig. 3 B) [26]. In order for force to scale 
linearly with substrate stiffness, displacement remains constant. This trend is true for cell forces 
applied to substrates comprised of micropillars or continuous flexible hydrogels [26].  
4.3.3 SPATIAL LOCATION OF JUMPS 
To elucidate the context in which internal cell machinery contributes to abrupt relaxation events, 
we characterized the jumps based on their spatial location relative to the cell boundary. The 
geometric edge of a spread cell was examined because it coincides with the location of highest 
traction forces [81] as well as the highest density of adhesion molecules that transmit forces to the 
underlying surface [82]. We find that jumps mainly occur at the periphery of the cells’ spread area 
(Fig. 25 A). This finding is consistent across all tested substrate stiffnesses, though the number of 
jumps is significantly less in the case of 5 and 10 kPa substrates. Over 75% of jumps occur within 
4 μm of the cell edge (Fig. 25 A). We also find that jump height decreases with increasing distance 
from the cell edge towards the cell center (Fig. 25 C). 
4.3.4 JUMPS OF NEIGHBORING PARTICLES IN LOCALIZED REGIONS 
We find that the jumps of particles embedded in the gel either do not affect the dynamics of 
nearby (within 2 µm) particles, i.e., the jumps are localized, or multiple nearby particles jump 
simultaneously. Figure 26 shows an example of the former case. Here, one of the three nearby 
particles jumps (blue trajectory), but the others continue to move at steady rates. In other cases, 
nearby particles jump in quick succession, exhibiting a cascade effect (Fig. 27 C). Figure 27 D 
shows two nearby particles jumping simultaneously. 
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4.3.5 DISPLACEMENT SPEED AND DIRECTION MAINTAINED 
Displacement trajectories of particles that exhibit jumps were analyzed immediately preceding and 
following the jump. We find that the speed and direction of motion of particles before and after 
jumps remain unaffected by the jumps, indicating that the sudden relaxation events do not interfere 
with the rate and direction of local cell force contractility (Fig. 28). This result is consistent across 
all tested substrate stiffnesses. This suggests that the contractile machinery involving actomyosin 
structure and adhesion with the substrate are unperturbed by the intermittent, catastrophic failure 
that causes the abrupt relaxation event.  
4.3.6 DEPENDENCY ON EXCITATION LIGHT INTENSITY 
While fluorescent excitation light has been shown to affect cell force dynamics by inducing global 
relaxation, we aimed to determine the effect of illumination on the presence of jumps. We find that 
excitation light affects the frequency of jump events. Three different excitation light sources were 
utilized, with respective intensities of 12.5, 3.0, and 1.9 W/m2 as described in the Materials and 
Methods section. Jump frequency depends on the excitation light source with which the cells are 
illuminated, and the average quantity of jumps per cell increases with increasing exposure intensity 
(Fig. 29). The effect of light intensity on jump frequency was exclusively tested on substrates of 
stiffness E = 2 kPa due to the consistently high prevalence of jumps on soft substrates. These 
results suggest that excitation light affects jump frequency in a dose-dependent manner. 
4.4 DISCUSSION 
We explored the abrupt relaxation in fibroblast contractility on elastic hydrogel substrates during 
fluorescent illumination. The relaxation manifests as jumps in displacements of fiducial markers 
embedded in the substrate. The direction of jumps is radially outward with respect to the cell area 
centroid, while immediately before and after a jump, the direction of the displacement is inward. 
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Contractile cell forces yield inward motion of the underlying substrate, while force relaxation 
induces outward motion. The displacement jumps are followed by a return to contractile force, 
when the fiducial markers continue to move inward along the same direction and speed as they did 
prior to the jumps. Conservation of contractility (direction and rate of increase) suggests that the 
jumps preserve the cytoskeletal and adhesion structures, and that the jumps are generated by 
sudden, disengagement of myosin motors with the actin fibers.  
The jump phenomena we observe are reminiscent of sudden force relaxation events 
reported in literature [41] where forces of filopodial growth cones on soft substrates were found to 
oscillate with time, although the effect of light was not considered. Here, cells are thought to use 
a “motor-clutch” mechanism to transmit traction forces to their underlying substrate via 
filamentous actin (F-actin). The study simulated molecular clutch activity on soft substrates and 
reported abrupt F-actin/clutch decoupling in which all clutches (transmembrane molecular protein 
complexes) disengage (from an F-actin bundle), causing the substrate to unload and snap back to 
its initial rest position. The model predicts oscillatory “load-and-fail” traction force dynamics 
characterized by periods of increasing tension interrupted by abrupt relaxation. Experimental 
results from the same study support the model prediction, in the absence of continuous light 
exposure. Here, substrate-embedded marker beads deflect towards the nucleus as a result of 
filopodial traction force, but occasionally snap back toward their rest position [41]. Our results are 
consistent with this finding, however such jumps reported in this study are stimulated by light 
exposure.  
Increasing the intensity of fluorescent excitation is known to increase force relaxation in 
adherent cells [36]. In our experiments, the displacement jumps, indicative of sudden force 
relaxation, follow this trend. We find, for a given substrate stiffness, jump frequency increases 
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with light intensity, and for a given light exposure, jump frequency increases with decreasing 
substrate stiffness. In all cases, the distribution of jump distance remains the same. How can we 
interpret these observations, particularly the two apparently paradoxical findings (jump frequency 
(probability) is stiffness dependent, but the jump distance is not)? We propose a simple 
hypothetical model to resolve this paradox. 
4.4.1 DEVELOPMENT OF A SIMPLE MECHANICAL MODEL TO DESCRIBE JUMP 
PHENOMENA 
Consider the model of a localized adhesion and the associated actomyosin machinery in 
Fig. 30. It depicts two actin filaments linked by myosin motors. One of the actin fibers is attached 
to the substrate through the focal adhesion complex. The other is linked with the intracellular 
cytoskeletal structure with stiffness kc. The substrate is represented by a Hookean spring with 
stiffness ks. Myosin motors walk hand over hand on F-actin “tracks” pulling them toward each 
other [83]. This results in a traction force on the substrate and on the cytoskeletal springs, and 
consequently they both deform. In the case of the cell on a flexible substrate, the deformation of 
the substrate manifests through the displacement of the embedded fiducial markers. In the case of 
the model, the deformation of the substrate spring is represented by x0.  
We now institute the following assumptions: (1) the force generated by all motors is equal, 
and is given by f. In the presence of n motors, the total force is Fs = nf = ksx0 . This equal-force 
hypothesis can be rationalized as follows: the actin fiber cannot sustain compression, but can resist 
tension. The time for a motor to take a step on a relaxed fiber is much shorter (μs-ms) than the 
observation times (sec) of force generation [84, 85]. Hence, if there is a slack in the actin fiber 
between two motors, one with force f, and the other with force less than f, then the latter will walk 
faster than the observation period to tighten the fiber until it reaches f. The motor force, f, is much 
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smaller than the stall force, fstall  [86, 87], so that f increases with time almost linearly [88]. (2) 
Each motor is stiff, i.e., their deformation due to force f is negligible compared to x0, (3) the motors 
tend to detach from the actin fibers randomly (off rate) by overcoming an activation barrier, Edetach.  
This value has been quantified in various previous studies [89-91]. Force f decreases the effective 
activation barrier to Edetach - fd0, where d0 is a characteristic length scale. As f approaches fth, E = 
Edetach – fd0 approaches zero, making conditions more favorable for detachment to occur. Thus the 
probability of detachment increases with f.  As f approaches fth, the probability of detachment 
approaches unity. We speculate that light exposure decreases Edetach and hence fth = Edetach/d0 by a 
yet unknown mechanism. Light induced fth might be less than fstall.  
 The consequence of the above assumptions is that if a motor detaches at force f, there is a 
sudden overload on each remaining motor. This overload might still be less than fstall, such that the 
motor may not walk backwards to relax. Even if the overload is higher than fstall, the motor will 
walk backwards in a time dependent manner, but will need to instantaneously survive the overload.  
In the case of n motors, this overload is Fs/(n-1)=[n/(n-1)]f. Thus, the overload increases with 
decreasing n. This overload has two possible effects. One possibility is that all motors fail in a 
catastrophic fashion if nf/(n-1) approaches fth, which depends on light exposure. Consequently, the 
force on the spring drops to zero and the tracer bead jumps. The other possible effect is that the 
overload is not high enough to induce a catastrophic failure, and the (n-1) motors continue to walk 
and increase the force until catastrophic failure occurs or the motors reach stall force. There is of 
course the third possibility in which the detached single motor re-engages and new motors join the 
actomyosin machinery and increase the spring force. We hypothesize that after the catastrophic 
failure, n number of motors re-engage and begin to increase the force on the substrate spring and 
repeat the cycle. The catastrophic failure gives rise to the jumps of the tracer particles, and the re-
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engagement induces force generation and displacement of the particles towards the cell centroid 
after a jump.  
What determines n? To develop insight on this question, we return to the reported literature. 
We note that cell traction force and cell stiffness increase with substrate stiffness, almost linearly 
for a substrate modulus below 10 kPa (Fig. 24 B) [26]. Additionally, more actomyosin machinery 
is involved in cells on stiffer substrates [92-95]. In our simplified model, this implies that n 
increases linearly with substrate stiffness ks, and cytoskeletal stiffness kc is proportional to ks. Thus, 
with increasing ks, cell force Fs = nf = ksx0 increases, and x0 remains independent of ks. The 
assumption that n is proportional to ks, implies nf = Cksf = ksx0, where C is a constant. Furthermore, 
since n increases with ks, force overload, fn/(n-1), decreases with increasing ks. This reduces the 
frequency of catastrophic failures for a given light exposure. However, since x0 = nf/ks = C, the 
jump heights remain the same with increasing stiffness. This resolves the paradox. For a given 
substrate stiffness, fth = Edetach/d0 decreases with increasing light intensity, and the frequency of 
jumps increase. It is thus expected that jump distance x0 ~ Cfth will decrease with increasing light 
intensity on a given substrate. 
The analysis of abrupt relaxation phenomena we present here further characterizes the 
effect of fluorescent excitation light on cell force dynamics. Our findings suggest that a change in 
the internal force generating machinery contributes to the relaxation events we have identified 
through displacement jumps. Jumps predominantly occur near the cell periphery, where cells are 
known to apply the largest traction forces [81, 82]. Additionally, focal complex molecules that 
transmit force to and from the cell to its substrate are most dense near the cell boundary. Thus, it 
is not surprising that the location for sporadic interruptions in contractile force aligns with the cell 
periphery.  
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Additionally, the jump phenomena appear to be highly localized and are well within the 
size scale of individual focal adhesions (1 – 5 μm) [96]. Most often, beads as near as 1.5 μm from 
their closest neighbor exhibit far different displacement trajectories: a jump of one bead leaves its 
nearest neighboring bead(s) undisturbed (Fig. 26). This suggests force relaxation in a small (sub 
micrometer scale) region such as those studied previously wherein the location and magnitude of 
maximum traction force shifts within a single focal adhesion [42]. In contrast, we also find 
neighboring beads jumping simultaneously (Fig. 27) pointing to force-relaxation events upstream 
from the cell-substrate contact.  
4.5 CONCLUSIONS AND FUTURE WORK 
Previous work has shown that excitation light affects cell force dynamics, inducing relaxation 
during short periods of fluorescent illumination. In this study, we employed a well-established 
experimental platform to characterize cell force relaxation as a result of excitation light. Our 
findings demonstrate that photo-induced cell force relaxation consists of short, sudden relaxation 
events. These events are characterized by jumps in displacement of substrate-embedded particles 
away from the cell centroid. Jumps occur near the periphery of cells, and occur most frequently on 
soft substrates. Additionally, jumps occur in localized spatial regions, and are preceded and 
succeeded by motion with the same speed and direction, suggesting myosin detachment from actin 
as a possible mechanism of abrupt force relaxation when the cytoskeletal and adhesion structure 
is preserved. Furthermore, illumination with increasing excitation light intensity increases the 
frequency of jump occurrences. Our findings suggest that excitation light mediates abrupt local 
force relaxation in a dose-dependent manner. These results could be useful for identifying adverse 
effects of light during studies of mechanical cell forces, as well as in elucidating the mechanism 
behind illumination-induced relaxation. 
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4.6 FIGURES 
  
Figure 22 Representative cell exhibiting jumps. A) Fibroblast cell plated on polyacrylamide gel (E = 
2 kPa). B) Subset of displacement trajectories for beads embedded in the substrate underlying the cell. 
Select jumps are indicated by blue arrows. 
Figure 23 Effect of substrate stiffness on the frequency of displacement jumps. Number of jumps as 
a function of substrate stiffness. For each stiffness a population of n=17 cells were tested. 
A) B) 
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Figure 24 Effect of substrate stiffness on jump displacement distribution. A) Distribution of jump 
distances occurring on different stiffness substrates. For each stiffness a population of n=17 cells were 
tested. B) Plot of the mean force exerted by fibroblasts as a function of the equivalent Young’s modulus, 
E
eff
. Square (■) markers represent the forces measured on micropillar substrates and round (●) markers 
correspond to the forces obtained by previous studies on flexible continuous gels.
13,38
 The straight line 
is a linear fit for the values <90 kPa.(reprinted from Soft Matter, 2008, 4, 1836-1843 with permission 
from Royal Society of Chemistry publishing company). 
Figure 25 Spatial location of jumps relative to the cell edge. A) Locations of jump occurrences for 
representative cell (red markers). B) Distance of jumping particles from the cell edge. C) Jump distance as 
a function of the spatial location of the particle. Inset shows enlarged view of highest density region 
containing jumps less than six microns from the cell edge. Results represent n=17 cells on PA gels of 
stiffness E = 2 kPa.  
B) A) 
A) B) C) 
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Figure 26 Neighboring particles exhibit autonomy through jump dynamics. A) Three neighboring 
particles (circled in yellow; < 2 μm p-p distance) below a fibroblast cell (on PA gel, E = 10 kPa). Inset in 
top left shows enlarged view of three neighboring beads. Scale bar = 2 μm. B) Displacement trajectories 
corresponding to each bead as indicated by color.  
Figure 27 Neighboring particles exhibit a cascade effect and simultaneity through jump dynamics. 
A-B) Two sets of neighboring particles (< 3 μm p-p distance, circled in yellow) below a Fibroblast cell. 
Enlarged image of bead layout in B) indicates corresponding trajectories in C) and D). Corresponding 
displacement trajectories in C) and D) exhibit a cascade effect and simultaneity, respectively, during the 
force release exemplified by the displacement jump. 
A) B) 
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Figure 28 Speed and direction of bead dynamics is maintained following displacement jumps. 
A) Speed and B) angle, θ, of displacement before (|V|
b
, θ
b
) versus after (|V|
a
, θ
a
) a jump occurrence 
as a function of substrate stiffness for ten representative cells on PA gels of various stiffnesses. 
Outliers for trajectories 2 kPa in B) are believed to be a result of the jump occurring close to the onset 
of the video, where limited displacement history information is available. 
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Figure 29 Effect of excitation light on jump frequency. Average number of jumps per cell based on 
60 s of illumination by each of three excitation light sources (mCherry, mCherry + ND25 filter, or 
LED with intensities 12.5, 3.0, and 1.9 W/m2, respectively).  
B) A) 
 59 
 
  
Figure 30 Model of a cell contractile machinery adhered to the substrate and the cytoskeletal 
structure. The stiffness of the substrate and the cytoskeletal structure are represented by k
s
 and k
c
 
respectively. Displacement, x
0
, of the substrate occurs upon contraction of the actin filaments by 
myosin motors.  
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CHAPTER 5: DETERMINATION OF AN ILLUMINATION THRESHOLD THAT 
MITIGATES FORCE RELAXATION 
Our findings discussed in preceding chapters have described how illumination with fluorescent 
excitation light induces force relaxation in living cells. This force relaxation response occurs 
immediately upon illumination, and persists irreversibly for cells exposed for one minute. As a 
result, cell adhesion and force stability is compromised. In the most extreme illumination 
conditions, these responses lead to complete detachment from the underlying substrate, 
compromising cell viability. Given that use of fluorescent excitation light to observe living cells 
has been a common experimental practice for nearly a century, we aimed to determine a threshold 
below which light-induced force relaxation would not occur. Establishing illumination conditions 
that mitigate cell force relaxation will aid future experimental studies by providing quantitative 
insight into the effects of observation on living samples. 
5.1 EXCITATION LIGHT INTENSITY AS A THRESHOLD FOR LIGHT-INDUCED 
FORCE RELAXATION 
In order to mitigate the effect of illumination on living cells, one may consider two logical 
possibilities: (1) reducing the amount of time the cells are exposed to a given light source and (2) 
reducing the amount of energy felt by the cells within a given time period. Option (1) is most 
applicable to experiments that require a very specific wavelength and/or intensity of light.  One 
may consider reducing the window of time over which the live cells are illuminated. A limitation 
of this approach exists for experiments that aim to observe phenomena occurring on timescales 
longer than that which one is willing to illuminate the sample. Having shown that cells exposed to 
green light for as little as 2 s relax after 60 s, we first considered reducing the illumination window 
below 2 s in order to determine a time threshold at which widespread relaxation did not manifest 
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by 60 s. The applicability of this approach becomes limited for microscopic systems that are not 
equipped with precisely controlled mechanical shutters. However, moving to a system that does 
have high-speed light shutter capabilities does not entirely perfect the experiment. While a high-
speed (on the order of tens of ms) shutter may provide the mechanical ability to modulate light in 
less than 2 s, it impedes the ability of the camera sensor to capture sufficient photons to track sub-
diffraction limited fluorescent particles with low-intensity light. Additionally, integrating a 
mechanical shutter does not remove the manual human element of focusing the nanometer-scale 
particles—an adjustment that, as determined by simple human factors experiments, requires at 
least 1 s. Thus, reduction of the illumination period below 2 s inhibits the ability to measure the 
effect of the exposure. 
 In order to establish a threshold that mitigates the effect of light on cell force relaxation, 
we employed option (2) to determine a light intensity that does not induce this response. As 
previously mentioned, adherent, non-motile cells are expected to maintain a steady state with 
respect to adhesion force to an underlying substrate. Cell-induced substrate displacements would 
then be characterized by relatively equal proportions of relaxation and contraction. In order to 
determine an excitation light intensity at which this proportionality occurs, we observed living 
fibroblast cells on PA gels during continuous illumination for 60 s with various lighting conditions. 
Displacements were assessed as either “contractile” or “relaxation” motion, as described in Ch. 3. 
5.2 MATERIALS AND METHODS 
We plated fibroblast cells on PA gels of stiffness E=5 kPa, embedded with fluorescent particles as 
previously reported [45], and illuminated cells continuously for 60 s with either  (1) a deep red 
collimated LED (λ = 640-680/650 (high pass) nm ex/em) (Thorlabs, Inc., Newton, NJ) or (2) a 
fluorescent metal halide lamp (X-Cite® Series 120, Excelitas Technologies, Waltham, MA) 
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coupled with an mCherry filter (Semrock Brightline mCherry-M-OMF, λ =540-585/600-682 nm 
ex/em, Rochester, NY). For the remainder of this chapter, sources (1) and (2) will be referred to 
as “LED” and “mCherry”. Neutral density (ND) filters were also employed to provide additional 
intensity test options. An ND100 value indicates 100% of the light was transmitted (i.e., no light 
was filtered). Each specific source utilized and its corresponding intensity is shown in Table 5A. 
 Probability distributions of displacements induced by cells exposed to each light source are 
shown in Fig. 31. The positive tails on many of the distributions represent the prevalence of force 
relaxation among cells exposed to the corresponding light source. As the intensity of the light 
source decreases (as shown in Table 5A), the distributions become less positively skewed. This 
confirmed a previously established trend that force relaxation decreases with decreasing light 
intensity [36]. The distributions for the illumination conditions dictated by LED ND25, LED 
ND12, and LED ND6 appear symmetric about zero. Quantifying the respective probabilities of 
contraction and relaxation, we find that cells exposed to light with intensity below 0.5 W/m2 
exhibit equal proportions of contraction and relaxation (LED ND25: P(r)=49.8%, P(c)=50.2%; 
LED ND12: P(r)=54.4%, P(c)=45.6%; P(r)=49.8%, LED ND6:  P(c)=50.5%, P(c)=49.5%). The 
respective probabilities of contraction and relaxation for each light source are shown in Fig. 32. 
The trend of contraction increasing relative to relaxation with decreasing light intensity is clear in 
Fig. 32, with the exception of LED ND100 (higher intensity) exhibiting more contraction than 
12% mCherry ND6 (lower intensity). This suggests that wavelength may also play an intrinsic 
role, as higher wavelength sources are known to reduce damage to cells, and λ(LED )> 
λ(mCherry).  
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5.2.1 PARTICLE TRACKING LIMITATIONS 
Exposing cells to light with sufficiently low intensity levels results in equal proportions of force 
relaxation and contraction. However, lowering the excitation light intensity reduces the signal level 
with respect to background noise, reducing the particle tracking precision as a result. We quantified 
the measurement resolution for each light source by tracking sub-diffraction limited particles in 
PA gels without adherent cells. A Gaussian was fit to probability distributions of the particle 
motion, as all motion is expected to represent the noise floor. The standard deviation, σ, of the 
distribution represents the measurement resolution for each light source (Table 5A).  Probability 
distributions of cell-induced motion for cells exposed to each light source were superimposed on 
the Gauss-fit of the noise floor (Fig. 33). Plots (Fig. 33, A – J) are organized in order of decreasing 
light intensity. Deviation of the cell-induced motion (red curve) from the noise-floor (blue curve) 
indicates the extent to which active cell motion occurs beyond the measurement noise. Motion of 
all mCherry-exposed cells exhibits significant deviation from the noise-floor (Fig. 33, A – F).  This 
also holds true for cells exposed to the LED ND100 source (Fig. 33, G). However, for LED ND25, 
LED ND12, and LED ND6, a large portion of the cell-induced motion aligns with the noise floor 
(Fig. 33, H – J). Thus, very little active cell activity is detected beyond the measurement noise for 
the LED ND25, LED ND12, and LED ND6 sources. This suggests that, while each of these sources 
allow for the most equal proportions of force relaxation and contraction of all the tested lighting 
conditions, they do not provide the ideal signal strength to measure nanoscale phenomena in sub-
second timescales.  
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5.3 RESULTS AND DISCUSSION 
5.3.1 TIME EVOLUTION OF TRACTION FORCES SUGGESTS MAINTENANCE OF 
STEADY STATE FOLLOWING INITIAL ILLUMINATION PERIOD 
Traction forces of living cells have traditionally been thought to attain a steady state soon after 
adhering to a surface [97-102]. Cells build up traction force over minutes to hours of adhesion, 
and maintain that force until beginning other activities (i.e. migration or division). In spite of our 
findings that light exposure affects cell forces, we aimed to understand how traction forces evolve 
over time following illumination with potentially damaging lighting conditions. However, because 
common methodologies for measuring traction forces employ fluorescent excitation light, 
measurement of cell traction forces repeatedly over long time periods could conceivably introduce 
more damage during each additional observation event. We utilized our findings regarding a light 
intensity threshold for non-relaxation-inducing exposure conditions to assess the effect of a single 
exposure to relaxation-inducing light on cell traction forces over time. Our hypothesis was that 
traction forces would decrease continuously over time following exposure to relaxation-inducing 
light, until the cell completely detached from its substrate. We also predicted that the rate of 
traction force reduction would be proportional to the illumination dose (intensity and illumination 
time), as indicated by prior results highlighting a dose-dependent response (Ch. 3). 
Determination of a light intensity threshold below which widespread relaxation does not 
occur provides an additional benefit to the already realized advantage of knowing a safe exposure 
condition for living cell samples. Lighting conditions below the established threshold may be 
employed to track cell-induced motion over long time scales. Prior to knowledge of a non-
disruptive illumination source, the risk of introducing inadvertent damage to cells during repeated 
observation periods prohibited studies where samples were periodically exposed to light over the 
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course of minutes to hours. We utilized a non-damaging light source (LED ND25) to track the 
time evolution of cell-induced displacements and traction forces following illumination with a test 
lighting condition. Four different test lighting conditions were utilized: mCherry 25% ND100 for 
(1) t=15 s and (2) t=2 s, and LED ND100 for (3) t=15 s and (4) t=2 s. The test lighting conditions 
were chosen to assess time evolution of forces for lighting conditions that are expected to induce 
proportionally larger amounts of relaxation (conditions (1) and (2)) or contraction (conditions (3) 
and (4)). The LED ND25 was chosen as the non-damaging light source because it provides the 
best measurement precision amongst those with an intensity below the established threshold (Table 
5, Fig. 33). 
We expect a net loss of traction forces within the one hour following the initial illumination 
period due to light inducing force relaxation. However, the degree to which traction forces decrease 
is expected to correlate with the intensity of the light source and time of illumination. Thus, for 
the tested light conditions, we expected the greatest decrease in traction force to occur for the 
mCherry 25% ND100 for t=15 s condition, followed by mCherry 25% ND100 for t=2 s, LED 
ND100 for t=15 s, and LED ND100 for t=2 s. Our results confirm this hypothesis (Fig. 34). The 
traction forces for all sources decreases initially within first 15 min, with mCherry 25% ND100 
t=15 s and t=2 s decreasing the most, followed by LED ND100 t=15 s and t=2 s, respectively (Fig. 
34 A). Following the initial decrease, the force values for each light condition maintain a steady-
state value, fluctuating only ±5%, for the next one hour. The two most contrasting conditions 
(mCherry 25% ND100, t=15 s and LED ND100, t=2 s) highlight this trend (Fig. 34 B). The error 
bars illustrate the range of the traction force evolution, and suggest that, on average, cells exposed 
to either lighting condition initially decrease their force, and subsequently maintain a constant 
value. Furthermore, we find that the proportion of force relaxation relative to contraction is 
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maintained over time with respect to each illumination condition (Fig. 35). However, force 
relaxation decreases with decreasing light intensity.  This trend is reflected across different 
illumination conditions at each given time point (Fig. 35, A – D). Thus, cells universally maintain 
their forces over time regardless of illumination conditions, but the degree to which they relax 
depends on the exposure source.  
5.3.2 UTILIZATION OF A MECHANICAL SHUTTER: LONG TERM EFFECTS OF 
SHORT TERM EXPOSURE 
Since minimizing time of illumination is critical to reducing force relaxation, we utilized a 
microscopic setup equipped with a mechanical shutter to reduce exposure below t=2 s.  Using a 
Zeiss ApoTome fluorescent microscope with a Zeiss Axioobserver Z1 built-in reflected light 
shutter (<60 ms frequency), we exposed cells to green (λ=550 nm, I=16 W/m2) fluorescent 
excitation light for either t=1 s or t=500 ms. Following this initial exposure, an image of the beads 
under each cell was captured every 5 minutes for one hour with dark red fluorescent excitation 
light (λ=650 nm, I=8.6 W/m2). A wide field fluorescent metal halide lamp (X-Cite® Series 120Q, 
Excelitas Technologies, Waltham, MA) was used in conjunction with Semrock Brightline GFP 
(green) and Cy5 (red) filters to illuminate the sample. We find that minimizing illumination time 
to one second or less also yields an overall decrease in traction force over time, while maintaining 
a stability after an initial reduction (Fig. 36). This supports our previous findings that suggest 
exposure to green (λ=550 nm) fluorescent excitation light induces relaxation immediately upon 
exposure.  
5.3.3 EVIDENCE OF LOCALIZED FORCE CHANGES OVER TIME 
Investigation of the time evolution of traction forces suggests that the global state of the cell 
maintains a steady-state. However, inspection of the individual displacements that comprise the 
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traction forces yields evidence of small, localized force changes. Heat maps of cell-induced 
displacements reveal modulation of force application strength throughout the spatial area of the 
cell (Fig. 37). While the location of the largest displacements shifts throughout the one-hour 
observation period, the main angle/orientation along which the forces are aligned appears to 
remain constant. To quantify the localized changes in force, we employed the force dipole model 
(Ch. 3.3.2). A dipole value, Dp, with a negative sign indicates a global state of contraction, while 
a positive sign indicates a global state of relaxation. When examining 3 cell samples exposed to 
either mCherry 25% ND100 for t=15 s or LED ND100 for t=2 s, we find that Dp reflects a global 
state of relaxation following exposure for all cells after 60 min (Fig. 38). However, cells exposed 
to the mCherry source exhibit a dramatic increase in Dp over the one-hour time period (Fig. 38 A, 
green curves), while the LED-exposed cells relax steadily, at a much slower rate (Fig. 38 A, red 
curves). As expected, the dipole orientation, θm(t) (Ch. 3.3.2), remains constant for the mCherry-
exposed cells. Cells exposed to this light source exhibit the most significant force relaxation 
response, with the forces relaxed along the cell’s dipole orientation. While the amount of relaxation 
increases over time, the angle at which the cell’s forces are oriented remains constant (Fig. 38 B, 
green curves). In contrast, while the LED-exposed cells maintain a rather stable Dp value, the angle 
along which the forces are exerted fluctuates over the following one hour (Fig. 38 B, red curves).  
Cells exposed to either of the two extreme lighting test conditions exhibit a steady state of traction 
force, while their localized forces and the angle along which they are applied fluctuates over time.  
5.4 EXPERIMENTAL SUMMARY 
Fluorescent excitation light has long been used to observe living cells. However, currently, there 
exists no quantitative means to assess cell photo-response in real time. Furthermore, a definitive 
exposure limit for mitigating photo-induced cell changes has not yet been established. This work 
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utilizes a new means with which to quantitatively evaluate light-induced cell force relaxation to 
establish a maximum illumination threshold for safe observation of living cell samples. We 
assessed the effect of various lighting conditions of cell force contractility, and quantified light-
induced changes as the skewness toward force relaxation during one minute of continuous 
exposure. Our results suggest that excitation light of wavelength, λ=660 nm and intensity, I=0.5 
W/m2, mitigate light-induced force relaxation in living cells subject to 60 s of continuous 
illumination. High positive skewness (>1) of probability distributions of displacements correlates 
with high intensity for all light sources. This suggests that both parameters describe the severity 
of cell photo-response. Implementing the non-relaxation-inducing light source and reducing 
exposure duration to 2 s or 15 s, we determined that traction force for the one hour following 
illumination does not change significantly. Traction forces slightly decrease initially within the 
first ten to fifteen minutes following exposure. This amount of reduction is proportional to the 
severity of illumination (i.e. green light for 15 s induces much larger force reduction than dark red 
light for 2 s). Interestingly, the traction forces maintain a constant value, ±5% of their value at t=10 
minutes following illumination, for the one hour after exposure. This suggests that cells maintain 
a steady state of traction force, despite initial exposure to fluorescent excitation light. In addition 
to the steady state of traction, we find that cells also exert continuous, small-scale force fluctuations 
on their underlying surface. Taken together, we conclude that cells achieve and maintain a constant 
state of traction force, but continuously interrogate their surrounding mechanical 
microenvironment. Continuous, nanoscale perturbations of the environment coupled with steady-
state traction force application suggest adherent cells achieve a dynamic state of mechanical 
equilibrium.   
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5.5 FIGURES AND TABLES  
  
Figure 31 Probability of positive displacements decreases with decreasing light intensity. 
Displacement distributions for cells exposed to various light sources. All cells were illuminated 
continuously for 60 s. Each distribution represents n=5 distinct cells. 
Figure 32 Cell force relaxation decreases with decreasing light intensity during illumination. 
Proportion of outward- relative to inward- moving beads represents decreasing dominance of force 
relaxation over contraction throughout illumination. Probability of outward-(P(Relax)) moving bead 
displacements relative to the cell centroid decreases with decreasing illumination intensity, where the 
probability of inward motion, P(Contract)=1-P(Relax). All cells were illuminated continuously for 60 s. 
Each illumination condition represents n=5 distinct cells. 
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Figure 33 Probability distributions of cell-induced displacements 
and particle tracking precision for various illumination sources. 
(A-J) Cell-induced displacements (red) for shown as compared to the 
noise floor (blue) for various illumination sources. Noise floor beads 
immobilized in PA gels devoid of cells during one-minute of 
continuous illumination with light source as indicated above each 
plot. Tracking precision shown as standard deviation of Gauss fit in 
top left corner of each plot. Cell-induced curves represent same 
distributions as in Fig. 31. 
σ = ±18.1 nm 
σ = ±14.8 nm σ = ±10.6 nm 
σ = ±13.1 nm 
σ = ±6.1 nm 
σ = ±9.8 nm σ = ±9.1 nm 
σ = ±7.6 nm σ = ±11.2 nm σ = ±6.7 nm A) B ) 
D) 
C ) 
E ) F ) 
G ) H ) 
J ) 
I ) 
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Figure 34 Time evolution of traction forces as a percentage of initial force.  A) Traction force over 
time for cells exposed to any of the following illumination sources: LED for t=2 s (blue), LED for t=15 
s (orange), mCherry for t=2 s (gray), or mCherry for t=15 s (yellow). Traction force listed as a function 
of initial force prior to illumination. Time t=0 represents the force at the instant the illumination period 
ended. Each distribution represents an average for n=3 cells. B) Traction force over time for the two 
most contrasting illumination conditions (LED for t=2 s, λ=1.93 W/m
2
; and mCherry for t=15 s, λ=40.8 
W/m
2
). Traction force listed as a function of initial force prior to illumination. Error bars demarcate 
range of forces for n=3 cells. 
B) 
A) 
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Figure 35 Effect of minimizing illumination time on traction force evolution. Time evolution of 
traction forces as a fraction of initial force for cells exposed to green (mCherry) light for either t=1 s 
(blue) or t=500 ms (orange). Each curve represents an average of n=2 cells. 
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Figure 36 Proportion of force relaxation maintained over time following illumination for various 
exposure conditions. Probability of relaxation (P(Relax)) and contraction (P(Contract)) determined as 
the quantity of outward- versus inward- moving particles for each illumination condition (mCherry, t=2 
s; LED, t=15 s; LED, t=2 s). Proportion of force relaxation shown at A) 0 s, B) 10 min, C) 30 min, and 
D) 60 min after illumination. Each curve represents an average of n=3 cells. 
B) 
C) 
A) 
D) 
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Figure 37 Displacement maps exhibit steady state traction force following illumination. Maps of 
displacement as a result of cell traction following illumination by either A) LED for t=2 s or B) mCherry 
for t=15 s. Unit bar in pixels. 
Figure 38 Time evolution of dipole orientation and value exhibit light-dependent changes following 
illumination.  A) Dipole value changes over time for cells exposed to either LED for t=2 s (red) or mCherry 
for t=15 s (green). B) Dipole orientation following exposure to either LED (red) or mCherry (green) light 
sources. Both A) and B) represent the same n=3 cells for each illumination condition, with each distinct 
cell demarcated by a different shape (■, ●, or ♦).  
A) 
B) 
A) B) 
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Table 5 Particle tracking precision for various illumination sources. 
Displacement distributions for cells exposed to various light sources, listed in order 
of increasing light intensity. Particle tracking precision determined by tracking 
beads immobilized in PA gels devoid of cells during one-minute of continuous 
illumination. Illumination source column indicates light source (LED or mCherry), 
as well as the accompanying neutral density (ND) filter classification. ND100 
indicates no filter was used (i.e. 100% of light passed through). Modulation of 
relative power output for the fluorescent metal halide lamp utilized as the mCherry 
source is indicated, preceding the ND classification (i.e. 12 or 25%). Tracking 
precision computed as standard deviation of the Gauss fit of the displacement 
distribution for each illumination source. Each illumination source represents over 
1,000 particles from 3 distinct gel substrates.  
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CHAPTER 6: CONCLUSION AND PERSPECTIVES 
The study of forces applied by living cells is a well-established field in the mechanics domain. 
Following the emergence of hydrogel substrates as a technique for assessing cell forces in the late 
20th century, the field of cell mechanics grew exponentially. Since then, this technique—traction 
force microscopy (TFM)—has become a widely accepted experimental tool. TFM has aided in the 
discovery of many core findings that represent the pillars upon which the current field of cell 
mechanics is based today. This technique has become so widely used that many of the discoveries 
it yields today represent narrowing fields of study, and symbolize its status as a mature 
experimental tool.  
We set out to challenge a long-standing school of thought among biomechanicians, which 
is the notion that non-motile cells achieve a steady state of traction upon adhesion to a two-
dimensional surface. Our hypothesis was that cells do not maintain constant, but rather, apply 
nanoscale, localized forces that continuously fluctuate over time. In order to assess nanoscale 
changes in cell force, we adapted the traditional TFM approach such that measurement precision 
improved to tens of nanometers. Utilizing our a unique hydrogel fabrication technique, we aimed 
to quantify nanoscale cell forces during one-minute time periods—a measurement precision and 
time scale much smaller than those traditionally employed to assess global cell traction forces. 
However, utilization of our new technique led us down what ultimately became a very important 
detour: the discovery of light-induced cell force relaxation during fluorescent illumination. Most 
interestingly, characterization of light-induced cell force changes allowed us to return to the initial 
hypothesis. Ultimately we find that cell forces do in fact attain a steady state of traction, but that 
localized changes in cell forces are ongoing.  
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6.1 PRECISE CONTROL OF FIDUCIAL MARKER PLACEMENT IN HYDROGEL 
SUBSTRATES 
Traditional TFM methodology prescribes that hydrogels are embedded with fiducial markers 
throughout the gel depth. Fluorescent microbeads typically serve as fiducial markers. When 
imaging with a wide field microscope, this approach compromises measurement precision at the 
cell-substrate interface due to out of focus light from beads below the substrate surface. Our 
development of a technique for precise integration of beads in a single layer near the hydrogel 
surface improves measurement accuracy of cell forces applied at the surface. Additionally, the 
technique allows use of a wider variety of microscopic instruments, and a wider range of 
experimental applications for TFM. Many TFM studies employ confocal microscopes in order to 
block out of focus light from the acquisition of beads near the cell-substrate interface. Methodically 
limiting beads near the substrate surface allows for use of wide field fluorescent microscopes 
without compromising measurement resolution. Furthermore, utilization of wide field microscopic 
setups creates opportunity for investigations of fast (nanoscale) phenomena that require the high-
speed imaging capabilities not accessible with confocal imaging systems.  
6.2 OBSERVATION AFFECTS THE EXPERIMENTAL OUTCOME: LIGHT-INDUCED 
FORCE RELAXATION 
Utilizing light to visualize living cells has been a widely accepted scientific practice. However, 
very few studies have explicitly acknowledged the potential presence of photo-induced cell 
response as result of observation.  We have identified that illumination with fluorescent excitation 
does indeed affect the cells, inducing widespread force relaxation. This relaxation occurs 
immediately upon exposure and persists irreversibly until the cell nearly detaches from the 
substrate. We have also characterized the effect of force relaxation as a function of varying 
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illumination conditions. The degree of force relaxation depends on the light source, wavelength, 
and intensity. Our analysis of the effect of light on cell forces provides a unique, quantitative basis 
on which different lighting sources may be evaluated when considered in future experiments. 
Ultimately, this may contribute to improving the integrity of scientific studies that incorporate 
fluorescent excitation light. Furthermore, our assessment that force relaxation precedes visible 
morphological changes as a result of illumination indicates that light-induced changes manifest 
long before the effects become observable. Thus, it is imperative that the effect of fluorescent 
excitation light be carefully evaluated prior to implementation in live cell experiments. Utilizing 
our photo-response characterization as a basis, future experimentalists may be able to conduct this 
evaluation with a more quantitative means than has been available in the past. 
6.3 LOCALIZED FORCE CHANGES ACCOMPANY STEADY STATE OF TRACTION 
Demonstrating that continuous illumination with fluorescent excitation light for one minute 
induced irreversible force relaxation begged the question: is there an exposure condition that does 
not induce relaxation? Evaluation of various intensities of fluorescent excitation light revealed that 
certain wavelengths/intensities (namely λ>660nm and intensity <0.5 W/m2) yield equal 
proportions of contraction and relaxation. Furthermore, decreasing illumination time does reduce 
force relaxation, but the extent to which it affects force changes depends on the light source. 
Interestingly, despite an initial reduction in traction force after exposure, traction forces recover 
and remain constant for the one hour following an initial illumination period. This is of course 
dependent on the initial illumination time—for an exposure duration on the order of one minute, 
cell forces relax continuously until the cell has nearly detached from its surroundings. Reducing 
this illumination window to 15 s or lower yields a traction force recovery, and maintenance of 
steady state that depends on the intensity of the utilized light source.  
 79 
 
The notion that cells achieve a steady state of traction force represents a traditional line of 
thinking supported by literature [97-102]. Global cell traction forces such as traction forces are 
often measured at a single time point after a cell has built up a steady-state force on its underlying 
surface. Additionally, it is believed that cells build up a contractile force dipole to a steady-state 
value after adhesion [103]. Recent studies have challenged this ideal that cells achieve a quasi-
static force state after settling on a substrate. Fibroblast cells have been shown to fluctuate sub-
micron diameter pillars on the order of seconds [104]. The magnitude and spatial location of peak 
traction force has been shown to fluctuate on the order of seconds within a single focal adhesion 
[42]. Our results support both theories—while we find traction forces to remain constant after a 
limited illumination period, we find that localized force changes occur continuously over time. 
Displacement jumps occur spontaneously, representing abrupt nanoscale changes in localized 
spatial regions under the cell (Ch. 4). Additionally, the dipole value changes during and after 
illumination, indicating force modulation activity. Furthermore, we observe shifts in location of 
the largest traction forces over time, suggesting changes in the cell’s internal force-generating 
machinery are ongoing.  
These findings highlight the two most critical outcomes of this work: (1) Establishment of 
a threshold below which light-induced force relaxation is mitigated and (2) Determination that 
adherent cells maintain a steady traction force, but continuously exert localized force changes. Our 
results provide a platform for assessing cell viability in terms of mechanical equilibrium during 
experimentation with fluorescent excitation light. 
6.4 FUTURE WORK AND APPLICATIONS 
In this study, we have shown that fluorescent excitation light induces dose-dependent force 
changes in living cells.  Our findings represent only the beginning of understanding photo-response 
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and photodamage. In order to characterize the universal effect of exposure on cells, we must define 
light sensitivity for different cell types. Our studies have focused on fibroblast cells as a basis for 
understanding, but cell type-specific behavior requires a more targeted analysis of photo-response. 
Furthermore, characterizing the force response to light for cells based at different, defined stages 
in the cell cycle is a critical control experiment. Cells may exert very different force patterns based 
on their temporal proximity to mitosis, which may, in turn, affect the degree to which light 
modulates their forces. Synchronizing the cell cycle will provide more fruitful interpretations of 
photo-induced force changes.  
 It is important to recognize a limitation in the value of characterizing light-induced force 
changes. Understanding the manifestation of photo-response will become infinitely more valuable 
with understanding of the responsible biological mechanism(s). Further work is needed in this area 
in order to fully elucidate the systemic force change process during illumination. With a clear 
understanding of light-sensitive mechanistic changes in living cells, we can begin to connect light-
induced responses with therapeutic benefits. Phototherapy is a commonly used tool in the medical 
practice today, providing treatment means for cancer and many other diseases. A deeper 
knowledge of cell force response to light could allow for development of target-specific 
phototherapeutic agents. Our findings provide a new benchmark for future biomechanical 
exploration by not only improving accuracy in studies utilizing fluorescent excitation light, but by 
advancing the understanding of light as a force modulation tool in living cells. 
  
 81 
 
REFERENCES 
 
1. Marx, V., Is super-resolution microscopy right for you? Nature methods, 2013. 10(12): p. 
1157-1163. 
2. Khodjakov, A. and C.L. Rieder, Imaging the division process in living tissue culture cells. 
Methods, 2006. 38(1): p. 2-16. 
3. Xiao, J., Single-molecule imaging in live cells, in Handbook of Single-Molecule 
Biophysics. 2009, Springer. p. 43-93. 
4. Hopt, A. and E. Neher, Highly nonlinear photodamage in two-photon fluorescence 
microscopy. Biophysical journal, 2001. 80(4): p. 2029-2036. 
5. Kessel, D.H., M. Price, and J. Reiners, John J, ATG7 deficiency suppresses apoptosis and 
cell death induced by lysosomal photodamage. Autophagy, 2012. 8(9): p. 1333-1341. 
6. Magidson, V. and A. Khodjakov, Circumventing photodamage in live-cell microscopy. 
Methods in cell biology, 2013. 114. 
7. Masi, A. and A. Melis, Morphological and molecular changes in the unicellular green alga 
Dunaliella salina grown under supplemental UV-B radiation: cell characteristics and 
Photosystem II damage and repair properties. Biochimica et Biophysica Acta (BBA)-
Bioenergetics, 1997. 1321(2): p. 183-193. 
8. Minamikawa, T., et al., Chloromethyl-X-rosamine (MitoTracker Red) photosensitises 
mitochondria and induces apoptosis in intact human cells. Journal of Cell Science, 1999. 
112(14): p. 2419-2430. 
9. Nan, X., E.O. Potma, and X.S. Xie, Nonperturbative chemical imaging of organelle 
transport in living cells with coherent anti-stokes Raman scattering microscopy. 
Biophysical journal, 2006. 91(2): p. 728-735. 
10. Peña, Á.B., et al. Optical tweezers induced photodamage in living cells quantified with 
digital holographic phase microscopy. in SPIE Photonics Europe. 2012. International 
Society for Optics and Photonics. 
11. Rasul, A., T. Ma, and Y. Bailly, Natural Compounds and Their Role in Autophagic Cell 
Signaling Pathways. 2013: INTECH Open Access Publisher. 
12. Vantieghem, A., et al., Phosphorylation of Bcl-2 in G2/M phase-arrested cells following 
photodynamic therapy with hypericin involves a CDK1-mediated signal and delays the 
onset of apoptosis. Journal of Biological Chemistry, 2002. 277(40): p. 37718-37731. 
13. Varani, J., et al., Reduced fibroblast interaction with intact collagen as a mechanism for 
depressed collagen synthesis in photodamaged skin. Journal of Investigative Dermatology, 
2004. 122(6): p. 1471-1479. 
14. Wong, F.H., et al., Localized photodamage of the human erythrocyte membrane causes an 
invagination as a precursor of photohaemolysis. Journal of microscopy, 2007. 226(1): p. 
6-17. 
15. Lindl, T. and R. Steubing, Atlas of Living Cell Cultures. 2013: John Wiley & Sons. 
16. Li, C.-J., et al., Dynamic redistribution of calmodulin in HeLa cells during cell division as 
revealed by a GFP-calmodulin fusion protein technique. Journal of cell science, 1999. 
112(10): p. 1567-1577. 
17. Carlton, P.M., et al., Fast live simultaneous multiwavelength four-dimensional optical 
microscopy. Proceedings of the National Academy of Sciences, 2010. 107(37): p. 16016-
16022. 
 82 
 
18. Chen, B.-C., et al., Lattice light-sheet microscopy: Imaging molecules to embryos at high 
spatiotemporal resolution. Science, 2014. 346(6208): p. 1257998. 
19. Gao, L., et al., Noninvasive imaging of 3D dynamics in thickly fluorescent specimens 
beyond the diffraction limit. Cell, 2012. 151(6): p. 1370. 
20. Hoebe, R., et al., Controlled light-exposure microscopy reduces photobleaching and 
phototoxicity in fluorescence live-cell imaging. Nature biotechnology, 2007. 25(2): p. 249-
253. 
21. Oreopoulos, J., R. Berman, and M. Browne, Spinning-disk confocal microscopy: present 
technology and future trends. Methods in cell biology, 2013. 123: p. 153-175. 
22. Pelham, R.J. and Y.-l. Wang, Cell locomotion and focal adhesions are regulated by 
substrate flexibility. Proceedings of the National Academy of Sciences, 1997. 94(25): p. 
13661-13665. 
23. Dembo, M. and Y.-L. Wang, Stresses at the cell-to-substrate interface during locomotion 
of fibroblasts. Biophysical journal, 1999. 76(4): p. 2307-2316. 
24. Lo, C.-M., et al., Cell movement is guided by the rigidity of the substrate. Biophysical 
journal, 2000. 79(1): p. 144-152. 
25. Engler, A.J., et al., Matrix elasticity directs stem cell lineage specification. Cell, 2006. 
126(4): p. 677-689. 
26. Ghibaudo, M., et al., Traction forces and rigidity sensing regulate cell functions. Soft 
Matter, 2008. 4(9): p. 1836-1843. 
27. Trichet, L., et al., Evidence of a large-scale mechanosensing mechanism for cellular 
adaptation to substrate stiffness. Proceedings of the National Academy of Sciences, 2012. 
109(18): p. 6933-6938. 
28. Yeung, T., et al., Effects of substrate stiffness on cell morphology, cytoskeletal structure, 
and adhesion. Cell motility and the cytoskeleton, 2005. 60(1): p. 24-34. 
29. Gauthier, N.C., T.A. Masters, and M.P. Sheetz, Mechanical feedback between membrane 
tension and dynamics. Trends in cell biology, 2012. 22(10): p. 527-535. 
30. Parsons, J.T., A.R. Horwitz, and M.A. Schwartz, Cell adhesion: integrating cytoskeletal 
dynamics and cellular tension. Nature reviews Molecular cell biology, 2010. 11(9): p. 633-
643. 
31. Wang, N. and D.E. Ingber, Control of cytoskeletal mechanics by extracellular matrix, cell 
shape, and mechanical tension. Biophysical journal, 1994. 66(6): p. 2181. 
32. Choquet, D., D.P. Felsenfeld, and M.P. Sheetz, Extracellular matrix rigidity causes 
strengthening of integrin–cytoskeleton linkages. Cell, 1997. 88(1): p. 39-48. 
33. Schwarz, U.S. and M.L. Gardel, United we stand–integrating the actin cytoskeleton and 
cell–matrix adhesions in cellular mechanotransduction. Journal of cell science, 2012. 
125(13): p. 3051-3060. 
34. Tseng, Q., et al., Spatial organization of the extracellular matrix regulates cell–cell 
junction positioning. Proceedings of the National Academy of Sciences, 2012. 109(5): p. 
1506-1511. 
35. Lehnert, D., et al., Cell behaviour on micropatterned substrata: limits of extracellular 
matrix geometry for spreading and adhesion. Journal of cell science, 2004. 117(1): p. 41-
52. 
36. Knoll, S., W. Ahmed, and T. Saif, Contractile dynamics change before morphological cues 
during fluorescence illumination. Scientific reports, 2015. 5. 
 83 
 
37. Head, D. and D. Mizuno, Nonlocal fluctuation correlations in active gels. Physical Review 
E, 2010. 81(4): p. 041910. 
38. Toyota, T., et al., Non-Gaussian athermal fluctuations in active gels. Soft Matter, 2011. 
7(7): p. 3234-3239. 
39. Burnette, D.T., et al., A role for actin arcs in the leading-edge advance of migrating cells. 
Nature cell biology, 2011. 13(4): p. 371-382. 
40. Bornschlögl, T., et al., Filopodial retraction force is generated by cortical actin dynamics 
and controlled by reversible tethering at the tip. Proceedings of the National Academy of 
Sciences, 2013. 110(47): p. 18928-18933. 
41. Chan, C.E. and D.J. Odde, Traction dynamics of filopodia on compliant substrates. 
Science, 2008. 322(5908): p. 1687-1691. 
42. Plotnikov, S.V., et al., Force fluctuations within focal adhesions mediate ECM-rigidity 
sensing to guide directed cell migration. Cell, 2012. 151(7): p. 1513-1527. 
43. Karu, T., Photobiology of low-power laser effects. Health physics, 1989. 56(5): p. 691-704. 
44. Vorobjev, I.A., et al., Optical trapping for chromosome manipulation: a wavelength 
dependence of induced chromosome bridges. Biophysical journal, 1993. 64(2): p. 533. 
45. Knoll, S.G., M.Y. Ali, and M.T.A. Saif, A Novel Method for Localizing Reporter 
Fluorescent Beads Near the Cell Culture Surface for Traction Force Microscopy. JoVE 
(Journal of Visualized Experiments), 2014(91): p. e51873-e51873. 
46. Wang, Y.-L. and R.J. Pelham, Preparation of a flexible, porous polyacrylamide substrate 
for mechanical studies of cultured cells. Methods in enzymology, 1998. 298: p. 489-496. 
47. Trappmann, B., et al., Extracellular-matrix tethering regulates stem-cell fate. Nature 
materials, 2012. 11(7): p. 642-649. 
48. Wong, J.Y., J.B. Leach, and X.Q. Brown, Balance of chemistry, topography, and 
mechanics at the cell–biomaterial interface: Issues and challenges for assessing the role 
of substrate mechanics on cell response. Surface Science, 2004. 570(1): p. 119-133. 
49. Mih, J.D., et al., A multiwell platform for studying stiffness-dependent cell biology. PloS 
one, 2011. 6(5): p. e19929. 
50. Butler, J.P., et al., Traction fields, moments, and strain energy that cells exert on their 
surroundings. American Journal of Physiology-Cell Physiology, 2002. 282(3): p. C595-
C605. 
51. Tolić-Nørrelykke, I.M., et al., Spatial and temporal traction response in human airway 
smooth muscle cells. American Journal of Physiology - Cell Physiology, 2002. 283(4): p. 
C1254-C1266. 
52. Atanackovic, T.M. and A. Guran, Theory of elasticity for scientists and engineers. 2012: 
Springer Science & Business Media. 
53. Dembo, M., et al., Imaging the traction stresses exerted by locomoting cells with the elastic 
substratum method. Biophysical Journal, 1996. 70(4): p. 2008. 
54. Plotnikov, S.V., et al., High-resolution traction force microscopy. Methods in cell biology, 
2014. 123: p. 367-394. 
55. Harris, A.K., P. Wild, and D. Stopak, Silicone rubber substrata: a new wrinkle in the study 
of cell locomotion. Science, 1980. 208(4440): p. 177-179. 
56. Cesa, C.M., et al., Micropatterned silicone elastomer substrates for high resolution 
analysis of cellular force patterns. Review of scientific instruments, 2007. 78(3): p. 
034301. 
 84 
 
57. Fu, J., et al., Mechanical regulation of cell function with geometrically modulated 
elastomeric substrates. Nature methods, 2010. 7(9): p. 733-736. 
58. Kopanska, K.S., et al., Quantification of collagen contraction in three-dimensional cell 
culture. Methods in cell biology, 2015. 125: p. 353-372. 
59. Lesman, A., et al., Contractile forces regulate cell division in three-dimensional 
environments. The Journal of cell biology, 2014. 205(2): p. 155-162. 
60. Tse, J.R. and A.J. Engler, Preparation of hydrogel substrates with tunable mechanical 
properties. Current protocols in cell biology, 2010: p. 10.16. 1-10.16. 16. 
61. Al-Rekabi, Z. and A.E. Pelling, Cross talk between matrix elasticity and mechanical force 
regulates myoblast traction dynamics. Physical biology, 2013. 10(6): p. 066003. 
62. Balasubramanian, L., et al., Remanent cell traction force in renal vascular smooth muscle 
cells induced by integrin-mediated mechanotransduction. American Journal of 
Physiology-Cell Physiology, 2013. 304(4): p. C382-C391. 
63. Bastounis, E., et al., Both contractile axial and lateral traction force dynamics drive 
amoeboid cell motility. The Journal of cell biology, 2014. 204(6): p. 1045-1061. 
64. del Álamo, J.C., et al., Three-dimensional quantification of cellular traction forces and 
mechanosensing of thin substrata by fourier traction force microscopy. PloS one, 2013. 
8(9): p. e69850. 
65. Hyland, C., et al., Dynamic peripheral traction forces balance stable neurite tension in 
regenerating Aplysia bag cell neurons. Scientific reports, 2014. 4. 
66. Iwadate, Y. and S. Yumura, Molecular dynamics and forces of a motile cell simultaneously 
visualized by TIRF and force microscopies. Biotechniques, 2008. 44(6): p. 739-50. 
67. Lam, C., et al., Loss of TAK1 increases cell traction force in a ROS-dependent manner to 
drive epithelial–mesenchymal transition of cancer cells. Cell death & disease, 2013. 4(10): 
p. e848. 
68. Legant, W.R., et al., Measurement of mechanical tractions exerted by cells in three-
dimensional matrices. Nature methods, 2010. 7(12): p. 969-971. 
69. Liu, K., et al., Improved-throughput traction microscopy based on fluorescence 
micropattern for manual microscopy. PloS one, 2013. 8(8): p. e70122. 
70. Maskarinec, S.A., et al., Quantifying cellular traction forces in three dimensions. 
Proceedings of the National Academy of Sciences, 2009. 106(52): p. 22108-22113. 
71. Meili, R., et al., Myosin II is essential for the spatiotemporal organization of traction forces 
during cell motility. Molecular biology of the cell, 2010. 21(3): p. 405-417. 
72. Ng, S.S., C. Li, and V. Chan, Experimental and numerical determination of cellular 
traction force on polymeric hydrogels. Interface focus, 2011. 1(5): p. 777-791. 
73. Silberberg, Y.R., et al., Investigating mammalian cell nanomechanics with simultaneous 
optical and atomic force microscopy. Life at the Nanoscale: Atomic Force Microscopy of 
Live Cells, 2011: p. 375-403. 
74. Toyjanova, J., et al., 3D Viscoelastic traction force microscopy. Soft matter, 2014. 10(40): 
p. 8095-8106. 
75. Xu, Y., et al., Imaging in-plane and normal stresses near an interface crack using traction 
force microscopy. Proceedings of the National Academy of Sciences, 2010. 107(34): p. 
14964-14967. 
76. Poellmann, M.J. and A.J.W. Johnson, Characterizing and Patterning Polyacrylamide 
Substrates Functionalized with N-Hydroxysuccinimide. Cellular and Molecular 
Bioengineering, 2013. 6(3): p. 299-309. 
 85 
 
77. Rogers, S.S., et al., Precise particle tracking against a complicated background: 
polynomial fitting with Gaussian weight. Physical Biology, 2007. 4(3): p. 220. 
78. Bulmer, M., Principles of statistics, 1979, Dover Publications, New York. 
79. Bischofs, I., S. Safran, and U. Schwarz, Elastic interactions of active cells with soft 
materials. Physical Review E, 2004. 69(2): p. 021911. 
80. Murrell, M., et al., Forcing cells into shape: the mechanics of actomyosin contractility. 
Nature Reviews Molecular Cell Biology, 2015. 16(8): p. 486-498. 
81. Califano, J.P. and C.A. Reinhart-King, Substrate stiffness and cell area predict cellular 
traction stresses in single cells and cells in contact. Cellular and molecular bioengineering, 
2010. 3(1): p. 68-75. 
82. Elineni, K.K. and N.D. Gallant, Regulation of cell adhesion strength by peripheral focal 
adhesion distribution. Biophysical journal, 2011. 101(12): p. 2903-2911. 
83. Yildiz, A., et al., Myosin V walks hand-over-hand: single fluorophore imaging with 1.5-
nm localization. science, 2003. 300(5628): p. 2061-2065. 
84. Jiang, M.Y. and M.P. Sheetz, Mechanics of myosin motor: force and step size. Bioessays, 
1994. 16(8): p. 531-532. 
85. Lodish, H., et al., Myosin: The Actin Motor Protein. 2000. 
86. Aratyn-Schaus, Y., P.W. Oakes, and M.L. Gardel, Dynamic and structural signatures of 
lamellar actomyosin force generation. Molecular biology of the cell, 2011. 22(8): p. 1330-
1339. 
87. Debold, E.P., J.B. Patlak, and D.M. Warshaw, Slip sliding away: load-dependence of 
velocity generated by skeletal muscle myosin molecules in the laser trap. Biophysical 
journal, 2005. 89(5): p. L34-L36. 
88. Stam, S., et al., Isoforms Confer Characteristic Force Generation and Mechanosensation 
by Myosin II Filaments. Biophysical journal, 2015. 108(8): p. 1997-2006. 
89. CARDON, J.W. and P.D. BOYER, The rate of release of ATP from its complex with 
myosin. European Journal of Biochemistry, 1978. 92(2): p. 443-448. 
90. De La Cruz, E.M., et al., The kinetic mechanism of myosin V. Proceedings of the National 
Academy of Sciences of the United States of America, 1999: p. 13726-13731. 
91. Marston, S.B., The rates of formation and dissociation of actin-myosin complexes. Effects 
of solvent, temperature, nucleotide binding and head-head interactions. Biochem. J, 1982. 
203: p. 453-460. 
92. Byfield, F.J., et al., Endothelial actin and cell stiffness is modulated by substrate stiffness 
in 2D and 3D. Journal of biomechanics, 2009. 42(8): p. 1114-1119. 
93. Gupta, M., et al., Adaptive rheology and ordering of cell cytoskeleton govern matrix 
rigidity sensing. Nature communications, 2015. 6. 
94. Ng, M.R., et al., Substrate stiffness regulates cadherin-dependent collective migration 
through myosin-II contractility. The Journal of cell biology, 2012. 199(3): p. 545-563. 
95. Peyton, S.R. and A.J. Putnam, Extracellular matrix rigidity governs smooth muscle cell 
motility in a biphasic fashion. Journal of cellular physiology, 2005. 204(1): p. 198-209. 
96. Zaidel-Bar, R., et al., Functional atlas of the integrin adhesome. Nature cell biology, 2007. 
9(8): p. 858-867. 
97. Brill-Karniely, Y., et al., Dynamics of cell area and force during spreading. Biophysical 
journal, 2014. 107(12): p. L37-L40. 
98. Gov, N., Traction forces during collective cell motion. 2009. 
 86 
 
99. Iskratsch, T., H. Wolfenson, and M.P. Sheetz, Appreciating force and shape [mdash] the 
rise of mechanotransduction in cell biology. Nature Reviews Molecular Cell Biology, 
2014. 15(12): p. 825-833. 
100. Nisenholz, N., et al., Active mechanics and dynamics of cell spreading on elastic 
substrates. Soft matter, 2014. 10(37): p. 7234-7246. 
101. Reinhart-King, C.A., M. Dembo, and D.A. Hammer, The dynamics and mechanics of 
endothelial cell spreading. Biophysical journal, 2005. 89(1): p. 676-689. 
102. Saez, A., et al., Is the mechanical activity of epithelial cells controlled by deformations or 
forces? Biophysical journal, 2005. 89(6): p. L52-L54. 
103. De, R., A. Zemel, and S.A. Safran, Dynamics of cell orientation. Nature Physics, 2007. 
3(9): p. 655-659. 
104. Ghassemi, S., et al., Cells test substrate rigidity by local contractions on submicrometer 
pillars. Proceedings of the National Academy of Sciences, 2012. 109(14): p. 5328-5333. 
  
 87 
 
APPENDIX A: PROTOCOL DESCRIBING FABRICATION AND 
FUNCTIONALIZATION OF PA GELS WITH FLUORESCENT MICROSPHERES 
EMBEDDED NEAR THE CELL CULTURE SURFACE 
1. Functionalizing the Top Glass Cover Slips 
1.1) Clean glass cover slips (#1.0, 12 mm diam.) with soap and water, followed by ethanol to 
remove extraneous dust. 
1.2) Place glass cover slips on a grated surface (i.e. pipette tip holder) such that they are not 
touching to facilitate ease of interaction with the coverslips. 
1.3) Coat the entire surface of the cover slips with Poly-D-Lysine (0.1 mg/ml) for 1 hour (Fig. 
1A). 
1.4) During this time, perform a 1 to 10,000 dilution of the colloid solution of 0.1 μm-diameter, 
red fluorescent microspheres with deionized (DI) water to obtain a particle density of 
approximately 1 microsphere per 20 μm2 on the gel surface. See figure two for the results of 
various dilutions. This dilution can be modified to meet the need of specific experiments.  
1.5) Place the diluted solution in an ultrasonic water bath for 30 min. 
1.6) After 1 hr, use tweezers to carefully lift each cover slip and blow dry with air. Return the 
dry cover slips to the grated surface. 
1.7) Remove the diluted colloid solution from the ultrasonic bath and pipette 150 μl onto each 
cover slip.  Leave for 10 min (Figure 1 (B)). 
1.8) Use tweezers to carefully lift each cover slip and blow dry with air. Return the dry cover 
slips to the grated surface and store in the dark until ready to use. 
2. Preparing PA gel directly on glass bottom petri dishes  
2.1) Preheat hotplate to 100 ⁰C.  
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2.2) Lay out the desired number of glass bottom petri dishes (35 mm dish with 14 mm micro-
well, #1.0) on a flat surface in a chemical fume hood. 
2.3) Cover the glass portion of each petri dish micro-well with 97% 3-Aminopropyl-
trimethoxysliane (3-APTES) for 7 min for chemical activation. Take caution to avoid inadvertent 
dripping of the 3-APTES to the surface of the plastic in the petri dish to avoid degradation of the 
polystyrene. 
2.4) After 7 min, fill the petri dish with DI water and dispose into waste container. 
2.5) Repeat step 2.4 three times for each dish, and then shake the petri dish to remove extra 
water. Place the petri dishes on the hot plate until the glass portion is dry. 
2.6) Remove the petri dishes from the hot plate and return to a flat surface in a chemical fume 
hood. 
2.7) In a chemical fume hood, make a solution of 0.5% Glutaraldehyde and cover the glass 
portion of each petri dish well with the solution for 30 min. Take caution to avoid inadvertent 
dripping of the Glutaraldehyde to the surface of the plastic in the petri dish to avoid degradation 
of the plastic. 
2.8) After 30 min, fill the petri dish with DI water and dispose into waste container to rinse and 
remove the Glutaraldehyde. 
2.9) Repeat step 2.4 three times for each dish, and then shake the petri dish to remove extra 
water. Place the petri dishes on the hot plate until the glass portion is dry. 
2.10) Before mixing the components of the PA gel solution, move the functionalized glass slides 
into the chemical fume hood such that they are easily accessible, allowing for the quick 
sandwiching of the gel with the glass bottom petri dishes after mixing the gel solution. 
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2.11) In a 15-ml centrifuge tube, mix 40% Bisacrylamide, 2% Acrylamide, and Acrylic Acid in 
immediate succession in the concentrations listed in Table 1 (adapted from published protocol 
[60]) to achieve the desired matrix elasticity.  
2.12) Add 100 mM HEPES, 10% Ammonium Persulfate, and TEMED in quantities listed in 
Table 1 corresponding to desired matrix elasticity to complete the gel solution. 
2.13) Immediately pipette 15 μl of gel solution onto the center of the glass portion of the petri 
dishes.  
2.14) Immediately pick up a functionalized glass cover slip with tweezers. 
2.14.1) Flip the glass cover slip over such that the fluorescent beads are on the side making contact 
with gel solution.  
2.14.2) Lay the cover slip gently on top of the now-liquid PA gel such that the functionalized side 
is in contact with the gel (Fig. 1C). Note: For best results, a second person is recommended for the 
role of adding the cover slip in order to avoid possibility of partial polymerization while pipetting 
liquid PA gel solution onto multiple petri dishes. 
2.15) Flip all petri dishes over to assist with avoiding gravity effects on fluorescent nanoparticles 
polymerizing into lower levels of the PA gel. 
2.16) Wait for at least 35 min, or until the stock solution of PA gel has visibly polymerized in its 
centrifuge tube. 
2.17) Flip the petri dishes back over and fill them with DI water to assist with removing the cover 
slip. 
2.18) Carefully make contact with the glass portion of the petri dish and the outline of the cover 
slip, using tweezers to scrape the circumference of the cover slip.  Perform several cycles until the 
cover slip is dislodged.  Remove the cover slip and dispose in a proper sharps waste container. 
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2.19) After removing all cover slips, fluorescent beads will have transferred to the gel (Fig 1D). 
Cover the PA gels completely with DI water, place the petri dish lid on each dish, and store at 4⁰C. 
3. Functionalizing PA gel with fibronectin 
3.1) Prepare the following premixed solutions as described in an established protocol [76]: Soak 
solution (137 mM NaCl, 5 vol.% glycerol) and 2x conjugation buffer (0.2 M 2-(N-
morpholino)ethanesulfonic acid (MES), 10 vol.% glycerol, pH 4.5) 
3.2) Use a vacuum pump in a biological hood to remove all DI water from the glass-bottom 
dishes containing the PA gels. 
3.3) Pipette soak solution onto each gel such that the gel is completely submerged. Incubate at 
room temperature for at least 1 hr. 
3.4) Warm 1-Ethyl-3-[3-dimethylaminopropyl]carbodiimide hydrochloride (EDC) and N-
hydroxysulfosuccinimide (NHS) to room temperature. 
3.5) Mix 10x solutions of EDC (150 mM, 19 mg/ml in DI water) and NHS (250 mM, 29 mg/ml 
in DI water). 
3.6) Mix 1 part 10x EDC, 1 part 10x NHS, 3 parts DI water and 5 parts 2x conjugation buffer. 
3.7) Use a vacuum pump in a biological hood to remove the soak solution. Make sure all fluid 
is removed from the gel surface.  
3.8) Add enough NHS/EDC solution to cover the gel surface and fill the glass-bottom well of 
the petri dish (150 μl – 250 μl). Incubate at room temperature for 30 min in the dark. 
3.9) Thaw fibronectin at room temperature.  Once thawed, mix sterile DI water to create a 50 
μg/ml fibronectin solution. 
3.10) Use a vacuum pump in a biological hood to remove the NHS/EDC solution. Make sure all 
fluid is removed from the gel surface. 
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3.11) Add 150 μl of fibronectin solution to each gel. Incubate at room temperature for 35 min to 
allow for attachment of fibronectin. 
3.12) After 35 min, add DI water to each petri dish and store at 4 ⁰C for up to 2 weeks. 
4. Traction Force Experiments 
4.1) Warm cell media, PBS, and Trypsin to 37 ⁰C in a water bath. 
4.2) Rinse gels 5 times with sterile DI water, aspirating the water in between rinses, and leave 
covered in the hood. 
4.3) Add 1 ml trypsin per 25 cm2 to flask containing cells. After cells are lifted from flask, dilute 
the trypsin with cell media and count the cells. Based on gel surface area, determine the number 
of cells required per gel for a final cell seeding density of 3,000 cells/cm2. Dilute or concentrate 
suspension such that 150 μl of the cell-media mixture contains this number of cells. Aliquot 150 
μl of cell suspension on to each gel. 
4.4) Place the petri dishes containing cells in an incubator for 30 min.  Then, carefully remove 
the petri dishes and fill the remainder of the petri dish with media (approximately 2 ml) such that 
the surface of the dish is completely submerged. 
4.5) Place the petri dishes back in the incubator until image acquisition. 
4.6) Prepare the microscope and data acquisition system for imaging: insert the 40x water 
immersion objective, insert the Differential Interference Contrast (DIC) prism, select the mCherry 
or equivalent fluorescent filter, and turn on the environmental chamber. 
4.7) When prepared for imaging, remove one petri dish from the incubator and place it gently 
on the microscope stage. Remove the petri dish lid for DIC imaging. 
4.8) Locate a single cell and capture a single still image of the cell in DIC.  
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4.9) Without moving the microscope stage, switch the imaging mode to fluorescence.  Focus 
on the fluorescent microspheres and record an image of the microspheres. 
4.10) Carefully remove cell media from the petri dish with a pipette and add 0.05% trypsin-
EDTA. 
4.11) Image the microspheres under the cell after the cells have detached. 
4.12) Use particle image velocimetry (PIV) analysis in imageJ [34] to compute the displacement 
field due to cellular forces. 
 
 
 
